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Abstract 

Lytic polysaccharide monooxygenases (LPMOs) are abundant in nature and best known for their role in the enzymatic 
conversion of recalcitrant polysaccharides such as chitin and cellulose. LPMO activity requires an oxygen co‑substrate, 
which was originally thought to be  O2, but which may also be  H2O2. Functional characterization of LPMOs is not 
straightforward because typical reaction mixtures will promote side reactions, including auto‑catalytic inactivation 
of the enzyme. For example, despite some recent progress, there is still limited insight into the kinetics of the LPMO 
reaction. Recent discoveries concerning the role of  H2O2 in LPMO catalysis further complicate the picture. Here, we 
review commonly used methods for characterizing LPMOs, with focus on benefits and potential pitfalls, rather than 
on technical details. We conclude by pointing at a few key problems and potential misconceptions that should be 
taken into account when interpreting existing data and planning future experiments.
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Background
The discovery of lytic polysaccharide monooxygenases 
(LPMOs; Fig.  1) has profoundly changed the way in 
which we view the enzymatic conversion of polysaccha-
rides, in particular recalcitrant materials such as chitin 
and cellulose. The boosting effect of LPMOs on the activ-
ity of classical hydrolytic enzymes was first described in 
2005, for chitin [1] and in 2007, for cellulose [2]. In 2010, 
Vaaje-Kolstad et al. showed that these, at the time, enig-
matic “boosting” proteins catalyze oxidative cleavage of 
glycosidic bonds, which suggested that LPMOs may be 
central players in a network of oxidoreductases involved 
in biomass conversion [3, 4]. LPMOs are mono copper 
enzymes [5, 6]. The copper is bound in a characteristic 
histidine-brace (Fig. 1), which is rare in Nature and which 
likely gives the LPMOs their remarkable oxidative power 
[5, 7, 8]. The LPMO reaction entails reduction of the cop-
per by an external reductant, after which the enzyme 
reacts with either  O2 [3, 9] or  H2O2 [10–14] to form a 
powerful oxygen species that can hydroxylate the C1 or 

the C4 carbon in the scissile glycosidic bond [10, 15–17] 
(Fig. 2).

Characterization of LPMOs suffers from multiple 
complications, ranging from the production of active 
enzymes to characterizing their substrate specific-
ity and kinetics. One particular issue, well known from 
work on other redox enzymes, but perhaps even worse 
for LPMOs, concerns the plethora of possible on- and 
off-pathway reactions that may take place when mixing 
reductants,  O2 and/or  H2O2, an insoluble, not necessarily 
“clean” substrate, the LPMO, and small amounts of free 
copper that may change during the reaction. As to the 
latter, progress curves for LPMO reactions are often non-
linear, which in most cases is likely due to oxidative dam-
age to the enzymes [10]. Such damage does not only lead 
to enzyme inactivation but also to release of copper in 
solution, even in otherwise “clean” experimental systems. 
To complicate things even further, LPMOs have oxidase 
activity, which implies that, in the presence of reductant, 
they may convert  O2 to  H2O2 [18, 19].

Because LPMOs are carbohydrate-active enzymes 
(CAZymes) they are classified in the CAZy data-
base, which categorizes CAZymes on the basis of 
their sequence [20]. In the CAZy system, LPMOs are 
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categorized as auxiliary activities (AA; [21]) and they 
currently make up six AA families: AA9, AA10, AA11, 
AA13, AA14 and AA15. The most widely studied 
LPMO families are AA9 and AA10.

Despite considerable progress in the LPMO field since 
2010, functional characterization of these abundant and 
intriguing enzymes remains a major challenge. In this 
paper, we address the most common issues related to the 
production and characterization of LPMOs. We focus on 
practical aspects of characterizing functional properties, 
such as substrate specificity, reaction kinetics and stabil-
ity, and pay particular attention to possible pitfalls. We 
also shortly discuss the possible importance of some of 
these pitfalls for interpreting recent studies on the nature 
of the LPMO co-substrate,  O2 and/or  H2O2. For details 
concerning the methodologies that we refer to, such as 
product analysis by mass spectrometry or liquid chroma-
tography, or fundamental studies of copper-binding, we 
refer to recent research papers and reviews [6, 22–28].

Production of active LPMOs
Most LPMOs characterized so far were recombinantly 
produced in Escherichia coli, for bacterial LPMOs, or the 
yeast Pichia pastoris, for fungal LPMOs, while a few were 
produced in fungal hosts. The fact that both the alpha-
amino group and the side chain of the N-terminal histi-
dine of the mature protein are involved in copper-binding 
(Fig.  1), and thus in catalysis, limits expression options. 
The most convenient way to produce enzymes with an 
N-terminal histidine is to export the proteins to the peri-
plasmic space or culture medium, using appropriate sig-
nal peptides. Even when doing so, it is advisable to use 
proteomics technologies (i.e., fragmentation of the pro-
tein by trypsin and subsequent sequencing of the result-
ing peptides by mass spectrometry) to check that the 
signal peptide has been correctly processed and that the 
N-terminal residue indeed is a histidine, especially when 
using Pichia expression. LPMOs that become reduced 
in the absence of substrate and presence of  O2 or  H2O2 
are prone to oxidative damage, especially the active site 
histidines (more details below). This is another reason 
for checking the recombinantly produced proteins using 
proteomics techniques; see [29] for an example. Of note, 
it is possible that a mixture of correctly and incorrectly 
processed LPMOs, with and without oxidative dam-
age, appears as a homogeneous band on an SDS-PAGE 
gel, which hides the protein’s physical (and functional) 
heterogeneity.

Heterologous expression of LPMOs creates some chal-
lenges. Glycosylation may occur in the linker regions of 
certain actinomycete multi-domain proteins [30, 31] and 
will be absent when expressing such proteins in E. coli. 
Most fungal enzymes will be glycosylated and while gly-
cosylation will also occur during expression in P. pasto-
ris, the glycosylation patterns will usually be different 
compared to the natural host. The N-terminal histi-
dine of fungal LPMOs carries a methylation [5] and this 

Fig. 1 Three‑dimensional structure of a typical LPMO and its active 
site. a The crystal structure and b details of the catalytic center of 
a cellulose‑active family AA9 LPMO from the fungus Thermoascus 
aurantiacus, TaLPMO9A (also known as TaGH61A; [5], PDB ID: 2YET). 
The crystal structure is displayed in cartoon representation. The active 
site residues are shown as sticks with pink colored carbon atoms. 
The copper atom is shown as a golden sphere and water molecules 
coordinated by the copper atom are shown as red colored spheres. b 
A close up of the active site

Fig. 2 LPMO reaction schemes. The two panels show the reaction 
schemes for  O2‑ and  H2O2‑driven LPMO activity proposed in a 2010 
[3] and b 2017 [10]. The Cu(II)/Cu((I) indicated above the arrows refers 
to the copper ion in the active site and its oxidation state before 
initiation of the catalytic cycle. Note that in the  O2‑driven reaction, 
delivery of two electrons is needed for each catalytic cycle, whereas 
the  H2O2‑driven reaction only requires a “priming” reduction of the 
LPMO, which, once activated, can carry out multiple reactions
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post-translational modification will not occur when these 
enzymes are produced in P. pastoris, as shown by the 
crystal structures of Pichia-produced LPMOs (e.g., [32–
34]) and analysis of the N-terminal peptide of Pichia-
produced LPMOs using proteomics technologies [35]. 
Petrovic et al. have recently shown that many functional 
properties of a family AA9 LPMO from the thermophilic 
fungus Thermoascus aurantiacus, TaLPMO9A, includ-
ing substrate specificity, redox potential, copper-binding 
and the ability to activate  O2, are not affected by methyla-
tion of the N-terminal histidine [35]. The only difference 
found when comparing methylated TaLPMO9A, pro-
duced in Aspergillus, with non-methylated TaLPMO9A, 
produced in P. pastoris, was that the non-methylated 
form showed a lower operational stability (i.e., a higher 
degree of enzyme inactivation during reactions) and thus 
likely has a lower resistance against oxidative damage. Of 
note, the two enzyme forms had slightly different glyco-
sylation patterns [35], and it cannot be excluded that this 
explains part of the observed differences in operational 
enzyme stability [35]. Several fungal LPMOs described in 
the current literature have been expressed in P. pastoris 
and these enzymes are active. While currently available 
data indicate that the N-terminal histidines of Pichia-
produced LPMOs are not methylated, it must be noted 
that the methylation status of several Pichia-produced 
LPMOs appearing in the literature has not been analyzed.

Considering the importance of both the N-terminal 
amino group and the side chain of His 1 (Fig. 1b), the use 
of N-terminal purification tags is not possible when the 
goal is to produce active LPMOs, unless one has an effi-
cient way to remove the tag after purification precisely in 
front of what needs to become the N-terminal histidine. 
C-terminal purification tags may sometimes be accept-
able although, on a general note, we discourage use of 
tags since they may affect binding to the complex co-pol-
ymeric substrates of LPMOs. C-terminal His-tags have 
been successfully used and yielded active LPMOs [36, 
37], however, we have experienced that the use of this tag 
may create complications in analysis of the enzyme due 
to its affinity for metal ions, including copper. LPMOs are 
secreted and tend to be stable and well-behaved proteins; 
their purification using standard chromatographic tech-
niques that are not based on tags, such as ion exchange, 
hydrophobic interaction and size exclusion chromatogra-
phy, tends to be rather straightforward. Reported storage 
temperatures for LPMOs are 4, − 20 and − 80 °C, but so 
far no studies have investigated the effect of storage tem-
perature on enzyme stability.

LPMOs need copper to be active. Due to the high affin-
ity for copper, with Kd values in the order of 1  nM for 
Cu(I) and 50 nM for Cu(II) [5, 6, 38], purified LPMOs will 
usually contain copper or pick up copper when incubated 

with substrates that contain this metal ion. To ensure full 
copper saturation, several approaches are possible. Direct 
addition of Cu(II) ions to reaction mixtures is not usu-
ally a good idea since a surplus of this transition metal 
in a reaction solution that also contains a reductant and 
 O2 or  H2O2, will promote a variety of side reactions. 
An approach commonly used entails incubation of the 
LPMO with a 1.5–3-fold molar surplus of Cu(II) ions, 
followed by removal of excess copper by size exclusion 
chromatography [27, 39]. Such procedure is often used as 
the final step in an LPMO purification strategy. Of note 
Cu(II) solutions should be made in pure water and kept 
at slightly acidic pH (around 3–4) since copper may pre-
cipitate as Cu(OH)2 in neutral or alkaline solutions.

If one intends to estimate the copper-binding affinity of 
the LPMO, divalent metal ions can be removed from the 
protein (and buffer) using EDTA. All buffers used down-
stream of the EDTA treatment must be metal free, which 
can be achieved through treatment with, e.g., the Chelex 
100 resin [27, 40]. EDTA is an efficient divalent metal 
chelator, with an association constant of  1018.78 M−1 for 
Cu(II) [41]. Removal of Cu(II) from the LPMO active site 
is performed by playing on the LPMO-Cu(II) ↔ apo-
LPMO + Cu(II) equilibrium (Kd ~ 50 nM; [6, 7, 40, 42]) by 
incubating the LPMO-Cu(II) solution with an excess of 
EDTA for a sufficient amount of time. Note that the lower 
the pH the less efficient EDTA might be as Cu(II) chela-
tor due to partial protonation of carboxylic functions. In 
practice, in our lab, we incubate the LPMO-Cu(II) solu-
tion with 10 mM EDTA, at pH ~ 6, overnight, at 4 °C.

The proportion of copper atoms per molecule of 
LPMO may be assessed using EPR or ICP-MS [27]. How-
ever, not every lab may have easy access to such equip-
ment and/or have the required expertise for routine 
controls. As an alternative, fluorescence measurements 
may be used, since measuring fluorescence is fast and 
usually requires low amounts of protein, while fluorim-
eters are widely accessible. The coordination of copper by 
an LPMO quenches its intrinsic fluorescence signal [38, 
43], to an extent that is dependent on the copper redox 
state, Cu(II) being a stronger quencher than Cu(I) [43]. 
The magnitude of the effect varies, however, from LPMO 
to LPMO. We have noticed that AA10s usually provide a 
better response than AA9s. In practice, one can compare 
the fluorescence signal of an apo-enzyme vs a copper-
saturated enzyme. Whether or not a transition from the 
Cu(II) to the Cu(I) state can be observed (i.e., an increase 
in fluorescence) may be assessed by looking at the effect 
of adding stoichiometric amounts of a good reductant 
(e.g., ascorbic acid) [43]. A properly prepared apo-LPMO 
should not show any increase in fluorescence. Another 
alternative is to measure UV–Vis absorbance, but this 
requires much higher amounts of enzyme.
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Basic characterization of LPMO activity using 
polysaccharide substrates
There are numerous ways to assess LPMO activity. The 
most relevant and informative methods entail incuba-
tion with a reductant and substrate followed by analy-
sis of soluble products (i.e., oxidized oligosaccharides) 
by MALDI-TOF mass spectrometry (MS), which is fast 
and simple, or high performance liquid chromatogra-
phy (HPLC), which is slightly more demanding. Impor-
tantly, control reactions without added reductant should 
always be performed, since LPMO preparations may be 
contaminated with regular glycoside hydrolases such as 
cellulases. Even trace amounts of such contaminating 
enzymes may have a profound effect on the product pro-
file, in particular because LPMO reactions are relatively 
slow (see below). In reactions without added reductant, 
the LPMO will not be active, meaning that contaminat-
ing background activities can be detected. Since LPMO 
substrates may contain some reducing power, control 
reactions without added reductant may not always com-
pletely abolish LPMO activity, and oxidized products 
may still be detected. In such cases, sometimes, one may 
wish to do additional control experiments, for example, 
using EDTA to abolish LPMO activity.

Both LPMO activity and stability are affected by the 
type and concentration of the reductant and reductant 
properties depend on pH [44–46], as discussed below. 
The overarching impression from almost 10  years of 
LPMO research is that ascorbic acid generally gives good 
results in a relatively broad pH range. In a typical “first 
test” of LPMO activity one would use 1 mM ascorbic acid 
as reductant at a pH near 6. The choice of substrate obvi-
ously is of major importance, as discussed in detail below. 
Easily accessible substrates for initial testing include Avi-
cel, phosphoric acid-swollen cellulose (PASC) prepared 
from Avicel [47] and commercially available α-chitin. 
Chitin-active LPMOs tend to be most active on β-chitin 
which is available for purchase through companies such 
as France Chitine (Orange, France) or that can be puri-
fied from squid pens using a relatively simple purification 
procedure (see [48] and references therein).

Although MS analysis of products sometimes can give 
a quantitative impression of enzyme activity, MS is pri-
marily a qualitative method, providing a fast and simple 
way to assess activity and substrate specificity (the latter 
is discussed in more detail below). The masses of C1- and 
C4-oxidized products are identical, but it may still be 
possible to derive information about oxidative regioselec-
tivity, as discussed in detail by Westereng et al. in [25, 28]. 
Oxidation at C4 yields a 4-keto-sugar that is in equilib-
rium with a gemdiol form (i.e., a hydrated 4-keto-sugar). 
These two variants of the oxidized species will usually 
appear as single sodium adducts. On the other hand, 

the lactone produced by C1-oxidation is in equilibrium 
with an aldonic acid form (i.e., a carboxylic group), which 
dominates at neutral pH. This aldonic acid form yields 
characteristic and often dominant MS signals due to the 
formation of salts, usually sodium salts. These “sodium 
salts of sodium adducts” have characteristic masses due 
to the presence of two sodium ions. The absence of such 
salt signals in spectra that show oxidized species strongly 
indicates that oxidation happens at C4. There are charac-
teristic MS signals for products that are oxidized in both 
ends and, while these signals usually are small, they do 
appear when analyzing products of LPMOs that can act 
on both C1 and C4 (see, e.g., Fig. S1 in the study by Fors-
berg et al. [40]).

It is important to note that the most abundant cati-
ons that form adducts with LPMO products are sodium 
 (Na+, 22.9897  Da) and potassium  (K+, 39.0983  Da). 
The atomic masses of these elements differ from each 
other by approximately the atomic mass of oxygen (O, 
15.9994  Da) and this may create problems. For exam-
ple, the potassium adduct of a native oligosaccharide 
(M + 39) will have the same mass as the sodium adduct 
of a corresponding oxidized (M-2) and hydrated (M + 18) 
oligosaccharide (M-2 + 18 + 23). To avoid these compli-
cations, saturation with LiCl may be performed, leading 
to lithium  (Li+, 6.941  Da) adducts only. To avoid false 
interpretation of results, the saturation level must be 
ensured, since the difference between the atomic masses 
of Li and Na is also approx. 16 Da. It should be noted that 
the above considerations are based on the use of MALDI-
TOF MS, which is readily accessible in most laborato-
ries. An alternative would be to use other types of mass 
spectrometers (e.g., Orbitraps) that offer a resolution that 
is so high that the nature of the adduct may be inferred 
solely from the measured mass of the analyte.

Standard HPLC methods for the separation of oxi-
dized chito-oligosaccharides (C1-oxidized only), based 
on hydrophilic interaction chromatography (HILIC) 
with UV-detection, and oxidized cello-oligomers (C1, 
C4, and double oxidized C1/C4), based on high perfor-
mance anion exchange chromatography with pulsed 
amperometric detection (HPAEC-PAD), are very well 
developed, giving baseline separation of all native and 
C1-oxidized soluble LPMO products ([3, 15, 22], see Vu 
et  al. [49] for nice examples for cellulose). C4-oxidized 
products, which hitherto have only been observed for 
glucan substrates, are unstable at the alkaline conditions 
used in the chromatography, but do give reasonably well 
separated characteristic peaks that provide information 
on product length [24]. Importantly, under alkaline con-
ditions, C4-oxidized products are converted to native 
oligomers [24], which explains the seemingly high pro-
duction of native products by C4-oxidizing LPMOs. A 
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second reason why native oligosaccharides may be found 
in LPMO reactions is the presence of hydrolase contami-
nants in the LPMO enzyme batch, as discussed above. 
Of note, the stability of C4-oxidized products is likely 
affected by temperature, so it is important to be aware of 
how one chooses to stop reactions; boiling has been used 
[50], but may not always be the best solution. Filtration, 
to separate the enzyme from the insoluble substrate, pro-
vides an alternative.

HPLC methods similar to those developed for ana-
lyzing native and oxidized cello-oligomers can also be 
used to detect LPMO products derived from xyloglucan, 
glucomannan, and mixed-linkage glucan [51, 52] and 
xylan [53, 54]. While chromatographic analysis will eas-
ily reveal LPMO activity on hemicellulosic substrates, 
detailed interpretation of product profiles is challenging 
because: (i) in contrast to cellulose, hemicellulosic poly-
saccharides and longer oligosaccharides are often water-
soluble and hence the reactions yield complex product 
mixtures and chromatograms (as compared to chroma-
tograms showing the limited set of soluble oligomeric 
products that may emerge in reactions with cellulose), 
and (ii) hemicellulosic oligosaccharides have diverse 
structures and pure standards are usually not available. 
Chromatographic profiles can be partially simplified by 
trying to reach reaction end-points, i.e., the point when 
all substrate has been converted to the shortest possible 
products. Alternatively, hydrolysis of the LPMO products 
with one or more suitable GHs may give simpler chroma-
tograms (e.g., [55]; see also below).

Product quantification requires standards and a sim-
plification of the product mixtures. The latter can be 
achieved by treating the products with glycoside hydro-
lases that convert oligomeric LPMO products to mix-
tures of oxidized mono-, di- and trimers, depending on 
the type of substrate and the enzymes used. Qualita-
tive and quantitative C1-oxidized cello-oligosaccharide 
standards can be enzymatically produced using cel-
lobiose dehydrogenase (CDH), which oxidizes cellobi-
ose and longer cello-oligosaccharides [56, 57] to their 
corresponding aldonic acids (GlcGlc1A–GlcnGlc1A), 
as in refs. [52, 58]. A β-glucosidase may be used to con-
vert C1-oxidized products to glucose and gluconic acid 
(Glc1A), where the latter is commercially available and 
can be used as a standard for oxidized products [59]. Of 
note, β-glucosidases cannot degrade cello-oligosaccha-
rides that have been oxidized at the C4 position.

Degradation reactions with modern cellulase cocktails 
containing multiple LPMOs and cellulases will usually 
yield two oxidized products, gluconic acid and C4-oxi-
dized cellobiose (Glc4gemGlc) [50, 59, 60]. A C4-oxi-
dized dimer standard has been produced using LPMO9C 
from Neurospora crassa [19] to degrade cellopentaose to 

equimolar amounts of Glc4gemGlc and cellotriose, which 
allows indirect quantification of Glc4gemGlc by quanti-
fying the amount of cellotriose [60]. While very useful, 
this latter quantification method needs to be used with 
great care, since, as discussed above, the C4-oxidized 
products are unstable and suffer from on-column degra-
dation of the oxidized products during HPAEC-PAD [24, 
50]. It is thus very important that the standard and the 
samples are treated in exactly the same way (exposure to 
pH, temperature, etc.).

Standards of oxidized chito-oligosaccharides with a 
degree of polymerization of 1–6 have been prepared 
using an AA7 chito-oligosaccharide oxidase from the 
fungal pathogen Fusarium graminearum (FgChitO; [61]) 
[39]. Standards for products derived from other common 
LPMO substrates, such as xyloglucan, are not available.

If one has access to powerful, LPMO-free cocktails of 
appropriate glycoside hydrolases, it is also possible to 
determine the total amount of LPMO-catalyzed cleavages 
rather than only determining oxidized soluble products 
[62–64]. In this case, subsequent to the LPMO reaction, 
all material in the reaction tube is converted to short 
oligomers, including oxidized short oligomers that elute 
with distinct retention times during HPLC. It is impor-
tant to note that the ratio between soluble and insoluble 
oxidized sites will depend on the reaction set-up and will 
vary during the reaction. In an experiment using regen-
erated amorphous cellulose as substrate, Frommhagen 
et  al. showed that the insoluble substrate fraction con-
tained the majority of oxidized sites early on in the reac-
tion and that the degree of solubilization of oxidized sites 
increased over time [63]. Loose et  al. observed similar 
results for chitin-active LPMO variants with low activ-
ity [65]. In experiments with Avicel [62], Courtade et al. 
showed that the fraction of solubilized oxidized sites 
depends on the substrate concentration: the higher this 
concentration, the larger the fraction of oxidized sites in 
the insoluble substrate. Clearly, analysis of only the solu-
ble fraction in LPMO reactions leads to various degrees 
of underestimation of LPMO activity.

To increase the general quality of activity assays, it is 
worth paying some attention to the preparation of rea-
gents. One important aspect is to minimize the occur-
rence of trace metals that could promote auto-oxidation 
of the reductant and generation of reactive oxygen spe-
cies. Reductants such as ascorbic acid should preferably 
be prepared in “trace select” water (Merck) and stock 
solutions need to be aliquoted and frozen at − 20  °C. 
Optimally, reductant solutions should be freshly made 
for each experiment. We recommend flushing the “trace 
select” water with nitrogen gas prior to dissolving the 
reductant. If one is to use  H2O2, stock dilutions should 
be made in “trace select” water, in the dark, and the 
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solutions should be aliquoted and stored at − 20 °C. It is 
important to check the  H2O2 concentration experimen-
tally and not just rely on information given on the bottle 
label.

Side reactions
Even the most meticulously designed activity assays will 
suffer from multiple complications that need considera-
tion when interpreting experimental data, depending on 
the purpose of the study. These complications derive 
from the fact that side reactions are almost unavoidable, 
especially when using complicated substrates that may 
contain reducing compounds or small amounts of transi-
tion metals. Things to consider include:

• The reductant may react with  O2 and/or with  H2O2, 
if the latter accumulates in the reaction mixture. 
Reactions between the reductant and  O2 may gener-
ate  H2O2. The extent of these reactions depends on 
the reductant (see, e.g., [46]).

• Reduced LPMOs that are not bound to substrate will, 
under aerobic conditions, produce  H2O2 [18].

• Reduced LPMOs are prone to oxidative (self-)inac-
tivation, regardless of whether the LPMO reaction 
is driven by  O2 [64, 65] or  H2O2 [10, 12]. Substrate-
binding (i.e., high substrate concentration) protects 
against inactivation; substrate concentrations may 
significantly change during certain experimental set-
ups (e.g., in applied bioprocessing type of studies), 
and so may LPMO stability.

• Although there may be debate on the nature of the 
true co-substrate of LPMOs, there is no doubt that 
 H2O2 may drive the catalytic reaction for several 
LPMOs [10–12, 66]. So, at least for some LPMOs, 
varying levels of  H2O2 in reaction mixtures may 
affect LPMO activity.

• H2O2 may engage in processes that can damage any 
enzyme in the reaction mixture, e.g., through Fenton 
chemistry-type of reactions [67].

• Several of the complicating processes listed above 
will be affected by the presence of transition met-
als. The concentration of transition metals may be 
affected by the type of substrate, the age of the sub-
strate suspension, the degree of degradation of the 
substrate (which may affect metal release in solu-
tion), and LPMO inactivation (which will lead to 
release of copper in solution).

• The concentration of dissolved  O2 is temperature 
dependent [e.g., ca. 8.3 mg/L (260 μM) at 25 °C and 
5.6 mg/L (175 μM) at 50 °C, at atmospheric pressure, 
in fresh water; 68].

Several of these complexities are discussed in more 
detail, below.

Fueling LPMO reactions with  H2O2
Figure  2 shows reaction schemes for  O2- and 
 H2O2-driven LPMO reactions. The  O2-driven reaction 
requires amounts of reductant that are stoichiometric 
relative to the amount of products formed, whereas the 
 H2O2-driven reaction only requires priming amounts of 
reductant. In the latter scenario, a reductant will still be 
needed during the course of a reaction because LPMOs 
will occasionally be re-oxidized (see [13] for an in-depth 
analysis).

There is some controversy in the field as to the nature 
of the natural oxygen co-substrate of LPMOs,  O2 or 
 H2O2. Regardless, it is now well documented, by several 
laboratories, using various LPMOs (AA9, AA10, AA11) 
and various substrates, that LPMOs can use  H2O2 as a co-
substrate and that  H2O2-driven reactions are faster than 
 O2-driven reactions [10–13, 35, 50, 66, 69]. It has been 
claimed that  H2O2-driven reactions are less specific than 
 O2-driven reactions and lead to products with atypical 
oxidation patterns [11]. In our experience, working with 
multiple LPMOs, from different families, with different 
oxidative regio-selectivities and with different substrates, 
there is no reduction of enzyme specificity when using 
 H2O2 (Fig. 3). We cannot exclude that minor amounts of 
aspecifically oxidized products are generated in certain 
reactions, for example because an LPMO that is becom-
ing oxidatively damaged slowly becomes less specific, as 
suggested by Hangasky et al. [11]. It is also possible that a 
suboptimal LPMO-substrate combination leads to a dis-
turbed active site configuration in the enzyme–substrate 
complex that no longer precisely directs the reactive oxy-
gen species to its correct destination, as suggested by 
results described by Simmons et al. [70]. It is not obvious, 
however, that the extent of these non-specific processes 
depends on the nature of the co-substrate, as discussed in 
more detail below.

LPMOs are prone to autocatalytic oxidative inactiva-
tion in both  O2-driven and  H2O2-driven reactions [10, 
50, 64, 65] (Figs.  4, 5) and the degree of inactivation 
will depend on the substrate type and concentration, 
as discussed below. The key problem when setting up 
LPMO reactions with added  H2O2 is to avoid LPMO 
inactivation. Kinetic studies of a chitin-active LPMO 
indicate that the potentially detrimental reaction of a 
non-substrate bound reduced LPMO with  H2O2 is up 
to three orders of magnitude slower than the produc-
tive reaction with substrate [12]. Still, at  H2O2 con-
centrations that are high relative to the amount of 
LPMO and the amount of substrate, detrimental reac-
tions in solution will occur, leading to inactivation of 
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the LPMO. Depending on the type of reaction, over-
feeding with  H2O2, i.e., feeding with amounts of  H2O2 
that are higher than what the LPMOs can handle in a 
productive manner, may have additional negative con-
sequences: the reductant may become depleted due 
to oxidation by  H2O2, and/or the  H2O2 may engage in 
other detrimental processes described above, in the 
“Side reactions” section.

It is important to note that the rates obtained in 
reactions with  H2O2, both for productive catalysis 
and enzyme inactivation, may be orders of magnitude 
higher than what one is used to from classical LPMO 
reactions with  O2 and ascorbic acid (per second range 
rather than per minute range; see below). It is also 
worth noting that both detailed kinetic studies [12] and 

inferences from other studies showing reaction rates 
[10, 11, 50] suggest that Km values for  H2O2 are in the 
very low micromolar range. Reaction conditions need 
to be adapted accordingly; if initial  H2O2 concentra-
tions are too high, one could end up with very fast inac-
tivation of the LPMO, perhaps even before detectable 
amounts of product have accumulated.

Ideally,  H2O2 should be fed gradually to the reac-
tion mixture, as shown in Fig. 4b, but this is not easy to 
accomplish in lab-scale reactions. Alternatively, one can 
regularly add small amounts of  H2O2 to the reaction 
mixture [10, 46], which can be quite tedious and which 
may give a “staircase-like” LPMO activity profile since 
there will be an activity boost right after addition of fresh 
 H2O2.

Fig. 3 Soluble products generated by C4‑oxidizing NcLPMOs from PASC or TXG in reactions fueled by  O2/Ascorbic acid or  H2O2. a, b HPAEC‑PAD 
profiles of products generated in reaction mixtures containing 1 mM ascorbic acid and 1 μM NcLPMO9A (black line), 1 μM NcLPMO9C (red line) 
or 1 μM NcLPMO9D (blue line) and 2 mg mL−1 of a PASC or b TXG. c, d HPAEC‑PAD profiles of products generated in reaction mixtures fueled 
by  H2O2 containing 1 μM NcLPMO9A (black line), 1 μM NcLPMO9C (red line) or 1 μM NcLPMO9D (blue line), and 2 mg mL−1 of c PASC or d TXG. 
In these latter reactions, ~ 45 μM of  H2O2 was added to the reactions every 15 min; prior to every addition of  H2O2, ~ 12 μM of ascorbic acid was 
added to ensure reduction of the LPMO. All the reactions were performed in standard aerobic conditions, i.e., in the presence of approximately 
250 μM  O2. The labeling of cello‑oligosaccharides in a and c is based on previous work [19]. The large variation in retention times between a and 
c and between b and d is due to the fact that chromatograms were produced at different time points; in between, both columns and parts of the 
chromatographic system were replaced. These figures are derived from an unpublished study by Petrovic et al., which will be published elsewhere
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Other methods for measuring LPMO activity
In 2012, Kittl et al. showed that LPMOs that are reduced 
in the presence of  O2 will produce  H2O2 and suggested 
that LPMO activity could be detected by detecting  H2O2 

production using the horseradish peroxidase/Amplex red 
assay [18]. This assay has been widely used in the field 
and is very handy for a quick assessment of (possible) 
LPMO activity, especially in cleaner samples. However, 
the method has multiple pitfalls, as recently discussed by 
Breslmayr et al. [69], and should only be used for qualita-
tive assessments. Control reactions with free copper are 
advisable.

Importantly,  H2O2 production is not observed if the 
Amplex red assay is set-up with an LPMO substrate pre-
sent, and this may be very useful when screening for cer-
tain substrate specificities [19] (Fig. 6). However, in light 
of the recent findings concerning the ability of LPMOs to 
use  H2O2, some of the common reasoning related to this 
type of experiments needs revision. The fact that  H2O2 is 
not detected in reactions with substrate does not neces-
sarily mean that  H2O2 is not produced, as is commonly 
claimed; it may simply mean that produced  H2O2 is con-
sumed in productive LPMO reactions rather than for oxi-
dation of Amplex red by horseradish peroxidase.

Frandsen et al. described an elegant method for meas-
uring LPMO activity using derivatized cellotetraose 
showing FRET quenching that is relieved upon cleav-
age of this oligomeric substrate [23]. This is a potentially 
powerful and easy method which, however, for now, is 
only applicable for LPMOs acting on soluble substrates. 
Furthermore, these types of substrates are not readily 
available.

LPMO action reduces the molecular weight and hence 
leads to a decrease in the viscosity of (water-)soluble 
polysaccharides. Using dynamic viscosity measurements, 

Fig. 4 Inactivation of LPMOs. The graphs show formation of C4‑oxidized cellobiose, the by far dominant soluble oxidized product, during 
degradation of Avicel with the commercial cellulase cocktail Cellic CTec2. a Product formation in reactions containing 5 mM ascorbic acid and 
varying oxygen concentrations, showing that higher oxygen concentrations give higher rates and faster inactivation of LPMOs. b Product formation 
in anaerobic reactions containing 1 mM ascorbic acid, with feeding of  H2O2. The feeding rate of  H2O2 in μM/h is indicated in the Figure. Increasing 
amounts of  H2O2 give faster rates and faster inactivation of the enzyme. The gradual decrease in product levels is due to the instability of the 
product. This Figure was adapted from [50]

Fig. 5 Oxidative damage of ScLPMO10C (CelS2). Analysis of protein 
oxidation by proteomics techniques has demonstrated that a family 
AA10 LPMO from the actinobacterium Streptomyces coelicolor, 
ScLPMO10C, exposed to protein inactivating conditions (presence 
of a reducing agent, but no substrate) is oxidized in and near the 
active site, predominantly on the catalytic histidines H35 (at the 
N terminus) and H144. The color code highlights the degree of 
oxidation: high (red), middle (orange) and low (yellow). For aromatic 
residues shown as gray sticks, no modification was detected. The grey 
cellulose fibril indicates the side of the protein where substrate will 
bind. The copper ion is shown as an orange sphere. The PDB code for 
ScLPMO10C is 4OY7. The Figure was adapted from [10]
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Kojima et  al. [55] were able to compare quantitatively 
the depolymerizing potential of two LPMOs with differ-
ing regio-specificity (the C4-oxidizing NcLPMO9C from  
Neurospora crassa and the C1/C4-oxidizing GtLPMO9A-2  
from Gloeophyllum trabeum) on xyloglucan and glu-
comannan. It is noteworthy that dynamic viscosity 
measurements of LPMO activity may be more sensitive 
compared to HPLC and MALDI-TOF, which only detect 
solubilized oligosaccharides, especially when LPMO 
cleavage sites are located far apart on the polymeric 
substrate.

Vuong et  al. developed an assay for measuring oxida-
tions on the insoluble part of the substrate based on 
covalently linking a water-soluble fluorophore to oxi-
dized positions within cellulose fibers [71]. When com-
bining this analysis with standard high performance 
anion-exchange chromatography of soluble products, 
one obtains a complete picture of product formation by 
the LPMO. Methods for labeling C1-oxidized sites in 
insoluble cellulose have also be employed by Eibinger 
et al., who visualized adsorption of the SYTO62 fluores-
cent dye to carboxylic groups on the cellulose surface by 
confocal laser scanning microscopy [72].

Exploiting the fact that C1-oxidizing LPMOs gener-
ate carboxylic groups, Wang et  al. developed an ion 
adsorption/desorption assay to measure oxidations on 

the insoluble substrate introduced by C1-oxidizing cel-
lulose-active and chitin-active LPMOs [66]. The assay is 
based on incubating the insoluble reaction product (i.e., 
partially oxidized chitin or cellulose) with  Ni2+, which 
binds to the aldonic acid groups, and spectrophotomet-
ric determination of remaining  Ni2+ in solution using 
the complexometric indicator pyrocatechol violet. This 
method has its limitations, e.g., when it comes to quan-
tification, but is very simple and accessible. It should be 
noted that the carboxylic acid product generated by a 
C1-oxidizing LPMO is in a pH-dependent equilibrium 
with its corresponding 1,5-delta lactone (alkaline pH will 
favor the carboxylic acid).

Interestingly, Breslmayr et al. developed a simple spec-
trophotometric assay that is based on the recently dis-
covered peroxygenase activity of LPMOs, to monitor 
the apparent peroxidase activity of LPMOs [69]. After 
screening a variety of chromogenic mono-, di- and tri-
phenols, 2,6-dimethoxyphenol (2,6-DMP) was selected 
for assay development. The LPMO oxidizes 2,6-DMP 
to form a radical, which dimerizes to form hydrocoer-
ulignone, which is further oxidized by the LPMO to form 
coerulignone, a product with high extinction coefficient 
at 469  nm. While having the advantage of being simple 
and sensitive, this assay may suffer from interfering pro-
cesses and should thus be used with care, as extensively 
discussed by the authors. Also, considering the fact that 
LPMOs show different sensitivities for inactivation by 
 H2O2 [10, 66, 69] and likely differ in how well they inter-
act with 2,6-DMP, the efficiency of this assay may vary 
between LPMOs.

Substrate specificity
There are several ways to test the substrate specificity of 
LPMOs, using various natural polysaccharides, mixtures 
of natural polysaccharides [35, 53–55], or chromogenic 
substrates [51, 73]. When using non-chromogenic sub-
strates, product formation may be assessed by MALDI-
TOF MS and/or liquid chromatography. The use of 
MALDI-TOF MS, in principle, allows rapid screening 
of a wide variety of substrates. In case of complex sub-
strates, however, the overlapping masses of various hex-
oses and pentoses will create problems.

Initial screening of substrate specificity entails incubat-
ing the LPMO with the to-be-tested substrates at rela-
tively high concentration, in the presence of a reductant 
known to work well for LPMOs, usually ascorbic acid at 
a concentration in the 1 mM range. Of course, one could 
choose to set up reactions with  H2O2 too, using for exam-
ple 50 µM reductant and 100 µM  H2O2. While this may 
seem simple, there are multiple pitfalls that need to be 
considered and that, in fact, make us believe that LPMOs 

Fig. 6 Accumulation of  H2O2 when incubating NcLPMO9C with 
reductant in the absence and presence of substrate. The enzyme 
(0.87 μM), which was the first LPMO for which activity on oligomeric 
substrates was shown, was incubated with 30 μM ascorbic acid, 
the reactants of the Amplex red assay and 5 mM of the indicated 
potential substrate, at pH 6.0 [19]. Ref, no substrate added. Control 
experiments without the reductant or the LPMO did not show  H2O2 
accumulation. Please note that the lower levels of  H2O2 in reaction 
mixtures that contain substrates that are cleaved by the enzyme  (Glc5 
and  Glc6) do not necessarily indicate that  H2O2 was not produced, 
as was thought at the time; it is also possible that  H2O2 was indeed 
produced but did not accumulate to the same extent because it was 
used by the LPMO when cleaving the substrate; see text for more 
details. This Figure was originally published in [19]
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that have been characterized so far may have activities 
that have been overlooked. Some pitfalls:

 I. As mentioned above and discussed in more detail 
below, LPMOs suffer from self-inactivation (Fig. 4). 
The extent of this process varies between LPMOs 
and will be affected by the nature and concentra-
tion of the reductant and the co-substrate. Most 
importantly, LPMO inactivation is affected by the 
presence of cleavable substrate [10, 62]. It is quite 
possible that one sometimes “misses” certain 
activities because the enzyme becomes inactivated 
before detectable amounts of products have been 
produced. This may especially be true if reactants 
are mixed in an unfortunate order—one should 
avoid reduction of the LPMO in the absence of 
substrate.

 II. As anticipated in early papers on LPMOs [51, 
74], the multiplicity of these enzymes in certain 
biomass-degrading microorganisms suggests that 
some may be specialized to act on co-polymeric 
structures in lignocellulose, rather than on spe-
cific “pure” polysaccharides such as cellulose. 
Indeed, Frommhagen et  al. and Couturier et  al. 
detected LPMO activity on xylan but only when 
the xylan was present together with cellulose ([53, 
54], respectively). In addition, we have observed 
that some LPMOs are able to cleave xyloglucan but 
only in the presence of amorphous cellulose in the 
reaction mixture (unpublished data). Thus, when 
screening the substrate specificities of LPMOs, it 
is advisable to also test some combinations of sub-
strates.

 III. Certain LPMO activities may not lead to solu-
ble products and may thus be overlooked. This is 
underpinned by the recent discovery of a xylan-
active LPMO, the founding member of the AA14 
family, which acts specifically on highly refrac-
tory xylan-coated cellulose fibers [54]. The AA14s 
provide a spectacular example of an LPMO tai-
lored to attack co-polymeric biomass structures 
that may supplement other LPMOs. Indeed, the 
AA14 boosted the efficiency of degradation of 
pretreated woody biomass by a cellulase cocktail 
and did so also if this cocktail was supplied with 
a cellulose-active LPMO. Thus, this specific AA14 
activity adds efficiency to the degradation process 
beyond what can be achieved using cellulose-active 
LPMOs. While Couturier et  al. initially did not 
detect soluble products, NMR studies indicated 
that the AA14 acted on xylan. Subsequent stud-
ies with added xylanases then led to the detection 
of oxidized xylo-oligomers. Thus, apparently, this 

LPMO only makes a very limited number of cuts 
at very specific locations that leaves the xylan chain 
with the oxidized end attached to cellulose. For the 
same reason (i.e., a limited number of cuts), Kojima 
et  al. [55] needed to use viscosity measurements 
to demonstrate that an AA9 LPMO was able to 
depolymerize konjac glucomannan, while no oli-
gosaccharides could be detected with HPAEC or 
MALDI-TOF analyses.

Another reason to sometimes use other enzymes when 
screening for substrate specificity may be to resolve 
ambiguities resulting from the fact that MS cannot dis-
criminate between different common hexoses and pen-
toses. In such cases, enzymatic treatments with specific 
enzymes acting on only some of the possibly observed 
product types may be useful.

While the above addresses qualitative screening of sub-
strate specificity, the next step in the characterization of 
LPMOs acting on multiple substrates would be quantita-
tive studies of substrate preferences. While LPMOs act-
ing on multiple substrates have been known since 2014 
[19, 40, 51], to the best of our knowledge, the literature 
does not contain a proper comparative assessment of 
substrate preferences for any LPMO, apart from a few 
attempts [51, 55]. Such comparative studies can only 
be based on proper progress curves for each of the sub-
strates and will suffer from all the complications relative 
to quantitative assessment of LPMO activity discussed 
in this review. Enzyme stability, i.e., resistance towards 
oxidative self-inactivation, will likely vary between sub-
strates and one may wonder to what extent this param-
eter should be included when assessing the nature of the 
“true” substrate of an LPMO. We believe that it is well 
possible that non-natural reaction conditions employed 
in the laboratory may endorse an LPMO with activity 
towards substrates that are not natural substrates and 
that may not be biologically relevant.

The role(s) of the reductant
From the seminal study by Kracher et  al. [45] and 
work by others, it is clear that LPMO reactions can be 
fueled by a wide variety of reductants. These reductants 
include small molecule reductants such as ascorbic acid 
and several phenols [3, 5, 26, 44, 75], enzymes capable 
of delivering reducing equivalents, such as cellobiose 
dehydrogenase [15, 64, 76–79], lignin and lignin frag-
ments [80–83], and light-driven systems [43, 84]. It is 
clear that the reductant (type and concentration) is a 
major determinant of LPMO functionality. Nice over-
views of the various reducing systems may be found in 
[45] and [26], whereas Bissaro et  al. [4] have recently 
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reviewed the possible interplay between LPMOs and 
other fungal redox enzymes.

A detailed discussion of various reductants and their 
potential roles in LPMO catalysis is beyond the scope 
of this review. The role of reductants in LPMO cataly-
sis definitively needs further attention and needs to be 
considered very carefully when interpreting experimen-
tal results. One of the big questions in LPMO research 
has sometimes been referred to as the “second electron 
conundrum”: if the LPMO uses  O2 and if the LPMO 
has only “storage space” for one electron in the form of 
its single copper ion, how then is the second electron 
delivered to the catalytic center in the enzyme–sub-
strate complex? Literature provides various possible 
answers to this question, primarily based on the exist-
ence of an electron channel (e.g., [85]) or the possibil-
ity that the LPMO recruits an electron from one of its 
aromatic side chains, as has been observed in other 
redox enzymes [86, 87]. Still, there is no consensus and 
LPMOs do not show conserved structural features that 
could be associated with any of the proposed scenarios. 
From the point of assessing reductant efficiency, the 
question is whether delivery of the first or delivery of 
the second electron is rate-limiting.

The discovery that  H2O2 can fuel LPMO reactions 
potentially sheds completely new light on the role of 
the reductant. Indeed, assuming that  H2O2 is the true 
co-substrate of LPMOs, the authors of this review have 
previously suggested that under most, if not all, condi-
tions used so far in assessing LPMO activity, produc-
tion of the co-substrate  H2O2, by the LPMO and/or 
through direct reactions between the reductant and  O2, 
is the rate-limiting factor. While this remains some-
what controversial, it is worth noting that reported 
rates for  O2-driven LPMO reactions tend to be in a 
narrow range of 1–10  min−1, regardless of the type of 
LPMO and regardless of the substrate [4]. Some would 
argue that this indicates that the rate one is measuring 
reflects a rate-limiting process that is similar for most 
of these reactions, which could be production of  H2O2. 
Loose et al. have shown that the rate of chitin oxidation 
by CDH-driven SmLPMO10A (also known as CBP21, 
the family AA10 LPMO of the soil bacterium Serratia 
marcescens) is essentially identical to the rate at which 
CDH produces  H2O2 in the presence of  O2 as the only 
electron acceptor [64]. If one accepts  H2O2-based 
catalysis, the efficiency of various reductants reflects at 
least in part the ability to promote production of  H2O2, 
either directly, in solution, or in a process involving 
non-substrate bound LPMOs. Of note, also  H2O2-based 
LPMO catalysis requires reduction and occasional re-
reduction of the catalytic copper ion by the reductant.

It is important to note that variation in the reductant 
will not only affect the efficiency of the LPMO but also 
the occurrence of several of the side reactions listed 
above. Thus, the reductant will affect much more than 
the redox state of the LPMO, including the concentra-
tions of  O2 and  H2O2, and the redox state of transition 
metals in the reaction mixture.

Very recently, using kinetics, Kuusk et al. have studied 
the role of the reductant in  H2O2-driven degradation of 
chitin by SmLPMO10A [13].

Self‑inactivation of LPMOs
As mentioned multiple times above, LPMOs are sensitive 
towards auto-catalytic oxidative inactivation, regardless 
of whether the reaction is driven by  O2 or  H2O2 (Fig. 4). 
As shown in Fig. 5, residues close to the catalytic copper, 
in particular the N-terminal histidine, become oxida-
tively damaged [10, 65]. This type of damage likely leads 
to copper being released in solution, although this has 
not yet been assessed experimentally.

Accumulating data clearly indicate that this type of 
damage occurs when a reduced LPMO is in solution, 
where it may react with  O2 or  H2O2 in the absence of a 
substrate, which would normally be the target for the 
generated powerful oxygen species. This would imply 
that the generated oxidative species will react on some-
thing else, such as nearby amino acid side chains on the 
protein, as is indeed observed. Accordingly, it has been 
shown that higher substrate concentrations and the pres-
ence of carbohydrate-binding modules (CBMs) improve 
LPMO resistance against inactivation [58, 62], whereas 
stability is reduced upon mutating surface residues that 
contribute to substrate binding [58, 65].

We suspect that the degree of auto-catalytic damage 
also will be affected by the type of substrate. It is clear 
that substrate binding helps shaping the active site of an 
LPMO. Substrate binding provides the confinement in 
the catalytic center that leads to the precise spatial ori-
entation of the reactive oxygen species that is needed for 
substrate oxidation to occur and enzyme oxidation to be 
minimized [14, 88, 89]. Studying binding of cello- and 
xylo-oligomers to an LPMO by X-ray crystallography, 
Simmons et  al. showed that these compounds, both of 
which are cleaved by the enzyme, bind in different ways 
[70]. The different binding modes result in different 
configurations of the catalytic centers in the enzyme–
substrate complex as shown by different EPR signals 
indicating differences in the copper environment. Thus, 
different substrates may affect the reactivity of the cop-
per site and will also affect to what extend the emerging 
oxidative oxygen species is confined to the one single ori-
entation that results in productive catalysis (i.e., abstrac-
tion of a hydrogen atom from the C1 or C4 position in 
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the substrate). For the same reasons, such variation in 
substrate binding may also affect the extent to which 
the substrate undergoes non-specific oxidations, such as 
those recently described in [11].

To obtain stable reactions, with no enzyme inactiva-
tion, it is thus essential to create conditions in which 
reduced LPMOs spend as little time in the absence of 
substrate as possible. Obviously, when setting up reac-
tions, reagents need to be mixed in the right order (e.g., 
substrate/buffer followed by enzyme followed by at least 
30  min incubation to allow the binding equilibrium to 
establish and finally the reductant, optionally followed by 
 H2O2, to start the reaction) and substrate concentrations 
need to be as high as possible. To obtain the best possi-
ble progress curves, one may try out several reductants in 
various concentrations. Enzymatic electron donors such 
as CDH, which oxidizes cellobiose and longer cello-oligo-
saccharides, or the recently described pyrroloquinoline 
quinone-dependent (PQQ-dependent) pyranose dehy-
drogenase from Coprinopsis cinerea (CcPDH), which 
oxidizes rare monosugars such as fucose and 2-keto–
d-glucose, are less readily available but tend to yield sta-
ble kinetics in some conditions [64, 79]. Although there is 
no solid advice as to the optimal choice of small molecule 
reductants, freshly made gallic acid solutions tend to give 
good results in our hands. Some notes on how to best set 
up  H2O2-driven reactions are described above.

LPMO kinetics
Due to the many complications in assaying LPMO activ-
ity, proper kinetic data for these enzymes are scarce. 
In a recent review, Bissaro et  al. have listed apparent 
LPMO rates that were published as rates or that could be 
deduced from published progress curves [4]. In line with 
the original findings of Vaaje-Kolstad et al. for the chitin-
active SmLPMO10A [3], published or deduced rates for 
 O2-driven LPMO reactions are amazingly low, varying 
from 0.1  s−1 to below  10−4  s−1. LPMO reactions driven 
by  H2O2 [10, 11], or by the light-chlorophyllin-reduct-
ant system [84], are much faster, with rates in the 10 s−1 
range or even higher.

The kinetic differences between  O2- and  H2O2-driven 
reactions become even larger when taking into account 
the Km values for the co-substrate. Studying  H2O2-driven 
catalysis by chitin-active SmLPMO10A, Kuusk et  al. 
found a kcat of 6.7 s−1 and a Km for  H2O2 of 2.8 μM. This 
type of values yields catalytic efficiencies (kcat/Km) in 
the order of  106  M−1  s−1, which are values commonly 
observed for enzymes, including peroxygenases [12]. 
Kinetic studies of the  O2-driven degradation of cellohex-
aose by MtLPMO9E, an LPMO from the fungus Myce-
liophthora thermophila, yielded a kcat of 0.28  s−1 and a 
Km for  O2 of 230 μM [11]. So, in this case, the catalytic 

efficiency is in the order of  103  M−1 s−1, i.e., three orders 
of magnitude lower compared to  H2O2-driven degrada-
tion of chitin.

LPMOs in biomass conversion: some considerations
LPMOs contribute considerably to the efficiency of mod-
ern commercial cellulase cocktails used in the conver-
sion of lignocellulosic biomass [50, 59, 60, 90–92]. The 
optimization of enzyme cocktails, including optimal 
harnessing of LPMO potential, is beyond the scope of 
the present paper, but it needs to be pointed out that the 
challenges related to LPMO research become even larger 
when working with true substrates. Basically, any possi-
ble side reaction listed above will occur and we suspect 
that enzyme inactivation is a major issue.

This complexity is well illustrated by the work of 
Müller et  al. [50], who studied degradation of various  
(ligno)cellulosic substrates with Cellic CTec2 (a commercial  
cellulolytic enzyme cocktail produced by Novozymes) 
while supplying reactions with  H2O2. Studies with “clean” 
substrates, such as Avicel, confirmed the importance of 
LPMOs in the enzyme cocktail, since glucan saccharifica-
tion yields were more than 30% higher under conditions 
promoting LPMO activity. Furthermore, the use of  H2O2 
was favorable compared to a standard  O2-driven reac-
tion, giving higher LPMO activities and up to 10% higher 
final glucose yields. However, when using less clean, 
lignin-rich substrates, the situation became less clear and 
improvements using  H2O2 were minimal. This is likely 
related to the fact that lignin and lignin-derived com-
pounds may engage in various redox reactions, including 
reactions with  H2O2.

One intriguing issue relates to the fact that LPMOs 
can be tuned to catalyze polysaccharide oxidation much 
faster than previously thought. Still, looking at the emer-
gence of LPMO products during degradation of biomass 
[50] and assuming that about 15% of the protein in mod-
ern cellulolytic cocktails is LPMO ([60]; note that the 
number of 15% really is only an assumption with some 
basis in the cited study), one can deduce that the LPMOs 
run at rates far below 1 s−1. The question then is: are we 
actually using all the LPMO molecules in the cellulase 
cocktail? Or are we only using a fraction of the LPMOs, 
while a large majority of non-productive LPMOs slowly 
becomes inactivated?

Another point to consider in bioprocessing concerns 
the gradual depletion of substrate as the reaction pro-
ceeds. This depletion will increase the chances of LPMO 
inactivation, as outlined above. Indeed, the recent study 
by Müller et  al. [50] showed that under many of the 
tested conditions LPMO activity ceased before the end of 
the reaction. It is thus conceivable that towards the end 
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of the reaction, when possibly only the most recalcitrant 
part of the substrate is left and LPMO activity could be 
most needed, there actually is no LPMO activity left.

Conclusion
Studying LPMO functionality is demanding. In the text 
above, we have addressed several complicating factors 
and provided some thoughts on how some of these fac-
tors could be handled. Perhaps the biggest complication 
lies in the nature of the co-substrate, which, in fact, is 
difficult to assess experimentally. The fact that the one 
potential co-substrate,  O2, can be converted to another, 
 H2O2, which leads to faster catalysis, makes experimental 
LPMO-work challenging.

Based on the text above and the most recent insights 
into LPMO functionality, a few guidelines for future 
LPMO experiments seem warranted:

• It is advisable to check recombinantly produced 
LPMOs for an intact N-terminal histidine and to 
ensure copper-binding, at least if the LPMO is to be 
used in quantitative studies.

• Making quantitative statements about LPMO activity 
or substrate specificity without determining progress 
curves is not recommended (Fig. 7).

• The absence of detectable  H2O2 levels in reaction 
mixtures that contain an LPMO, a reductant and a 
substrate does not necessarily show that  H2O2 is not 
produced, since produced  H2O2 may be rapidly con-
sumed by the LPMO.

• Because the substrate is very important in shaping 
the active site [23, 70, 89], one should be very careful 
when extrapolating conclusions from studies done in 
the absence of substrate.

• The role of the reductant may be more diverse than 
previously thought and could relate to its effect on 
production and consumption of  H2O2 in the reac-
tion mixture. The first reduction step, i.e., converting 
LPMO-Cu(II) to the Cu(I) form, may not be rate-lim-
iting.

• There is no basis to claim or assume that the LPMO 
is principally less stable in  H2O2-driven reactions 
compared to  O2-driven reactions. It all just depends 
on getting the reaction conditions right.

• There is no basis to claim or assume that the LPMO 
is less specific in  H2O2-driven reactions compared to 
 O2-driven reactions. The occurrence of non-specific 
substrate oxidations likely varies between different 
LPMO-substrate combinations.

Fig. 7 The importance of using progress curves when making quantitative statements on LPMO properties. The graphs show LPMO products 
generated by a series of engineered variants of a bacterial C1/C4‑oxidizing LPMO from Micromonospora aurantiaca called MaLPMO10B. a Product 
levels after 2 h; b product levels after 24 h. Clearly, if the mutants had been characterized by assessing only one time point, important information 
would have been missed and the conclusions of the study would have been strongly influenced by the choice of time point. Of note, some of the 
variants were likely already completely activated at 2 h (e.g., N85F), which implies that their initial catalytic rates may be higher than suggested by 
the product levels observed after 2 h. The data shown here are from [58]. See [65] for a similar example
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A final point, not addressed above, concerns the use 
of enzymes such as catalase or horseradish peroxidase 
in competition experiments set up to assess the possible 
role of  H2O2 in LPMO catalysis (e.g., [10, 11, 88, 93]). In 
such experiments, it is crucial to carefully consider the 
competitive aspect of the experimental set up. A lack of 
effect of catalase or horseradish peroxidase on LPMO 
activity could indicate that  H2O2 does not play a role in 
LPMO catalysis. However, an alternative explanation for 
such a lack of effect could be found in reaction kinetics: 
If the LPMO is much more efficient in utilizing emerg-
ing  H2O2 than the added competitors, the latter will not 
inhibit the reaction (see [13] for further discussion).

There is no doubt that the LPMOs, which are remark-
ably abundant in Nature [54, 74, 94, 95], still hold many 
unanswered questions. One of the most exciting of these 
relates to the possible existence of other functionalities, 
i.e., functionalities that are not discussed above. LPMOs 
seem well suited to act on a wide variety of interfaces and 
it is likely only a matter of time before novel LPMO sub-
strates (other polysaccharides, various recalcitrant pro-
tein fibers, lignin, or perhaps plastics) will be discovered. 
Another issue concerns LPMO kinetics, which remains 
partly unresolved. Oxygen-driven reactions tend to be 
exceptionally slow, whereas  H2O2-driven reactions are 
fast, but whether  O2 or  H2O2 is the “natural” or “best” (in 
biorefining) co-substrate is still debated.

In the pursuit of deeper fundamental insights into 
LPMO enzymology a few mistakes made in the early 
years of LPMO research should be avoided. We hope that 
this paper contributes to increasing the quality of future 
LPMO research by ourselves and others and that these 
fascinating enzymes will continue to excite and surprise 
us.
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