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Abstract 

Background  Mucoromycota fungi are promising for the production of second-generation biofuel from single-
cell oils (SCOs) using lignocellulose biomass. Despite the lack of enzymatic capability for efficiently degrading 
lignocellulose in Mucoromycota fungi, simultaneous saccharification and fermentation (SSF) offers an attractive 
solution by combining enzymatic hydrolysis and fermentation in the same procedure. This study explored specific 
traits of various Mucoromycota species to evaluate their suitability for SSF, due to the frequent and significant gap 
between the microorganism and enzyme optimal conditions.

Results  The suitability of nine oleaginous fungal strains from the Mucoromycota phylum for use in lignocellulose-
based simultaneous saccharification and fermentation was evaluated. Several traits, such as thermal tolerance, bio-
chemical composition changes in response to incubation temperature, cellobiose and cellulose response and induc-
tion of β-glucosidase and endoglucanase, were evaluated. Lichtheimia corymbifera was the most suitable species 
for SSF due to its ability to grow up to 45 °C, with a consequent decrease in lipid unsaturation, and good uptake 
of cellobiose with induction of β-glucosidase and endoglucanase expression. The Cunninghamella blackesleeana 
and Mucor circinelloides strains were also considered good candidates; despite the cultivation should not exceed 
35 °C, their good uptake of cellobiose and the expression of extracellular β-glucosidase induced by cellobiose indi-
cated that they could increase the enzymatic hydrolysis efficiency. C. blakesleeana outperformed all the other tested 
strains in terms of β-glucosidase activity expression. In addition, both endoglucanase and β-glucosidase activities 
of Rhizopus stolonifer and M. circinelloides were induced by cellobiose. Mortierella alpina and Mortierella hyalina were 
not considered suitable for simultaneous saccharification and fermentation due to their reduced tolerance to high 
temperatures and poor response to cellobiose utilization.

Conclusions  This study identified beneficial traits of Mucoromycota species for simultaneous saccharification 
and fermentation using lignocellulose, contributing to an optimal selection for producing lipid-derived second-gen-
eration biofuels.
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Background
Single-cell oils (SCOs) are lipids accumulated intracellu-
larly in oleaginous organisms, mostly in the form of tria-
cylglycerols (TGAs). Oleaginous organisms are defined 
as microorganisms that can accumulate lipids intracel-
lularly, comprising more than 20% of their dry weight 
[1], with some of them capable of accumulating up to the 
astounding amount of 80%w/w [2]. The ability to be ole-
aginous has been observed in different microorganisms, 
such as bacteria [3], algae [4], yeasts [5], thraustochytrids 
[6], and filamentous fungi [7–9]. In general, the most 
effective way to trigger lipogenesis in oleaginous micro-
organisms is to use a cultivation medium with a high 
carbon-to-nitrogen ratio [10]. Oleaginicity is especially 
common in fungi from the phylum Mucoromycota [11, 
12]. Several Mucoromycota species have already been 
used for single-cell oil (SCO) production at industrial 
scale, such as the production of gamma-linolenic acid 
by Mucor circinelloides by John & E. Sturge Ltd. (United 
Kingdom), which has not succeeded on the market due 
to the low prices of alternative vegetable oils [13], or the 
production of arachidonic acid using Mortierella alpina 
by DSM (The Netherlands), with increasing market 
demand [14].

In general, SCO biorefineries based on filamentous 
fungi are still uncommon since their economic viability 
depends on the selection of the right microbial producer, 
feedstock, ability to coproduce other valuable products, 
process configuration, lipid recovery method, etc. [9]. 
Taking these considerations into account, Mucoromy-
cota fungi have several advantages for SCO biorefineries: 
(1) generally faster growth than Ascomycota and Basidi-
omycota [15]; (2) the ability to utilize a plethora of sub-
strates, either refined or low-cost ones; and (3) the ability 
to coproduce other valuable compounds, including caro-
tenes, organic acids, and amino polysaccharides, such as 
chitin and chitosan [16]. Moreover, Mucoromycota fungi 
can adapt to many fermentation process configurations, 
such as classical submerged fermentation [17] or solid-
state fermentation [18].

In the context of potential new biorefineries, simul-
taneous saccharification and fermentation (SSF) is a 
relevant fermentation process for the valorization of lig-
nocellulosic feedstocks. SSF is a process in which enzy-
matic hydrolysis of lignocellulose substrates and growth 
of a microorganism of interest occur at the same time, 
simplifying the whole process and reducing costs com-
pared to separate hydrolysis and fermentation [19]. 
When lignocellulosic materials are used as feedstocks for 
biofuel production, i.e., bioethanol or lipids for biodiesel, 
they are classified as second-generation biofuels. SSF has 
emerged as a relevant process to fit the actual regulation’s 
requirements for second-generation biofuels at a reduced 

cost of production. Although lignocellulose-based SSF 
has been reported for a few species of Mucoromycota, 
such as Mucor indicus and Rhizopus oryzae for ethanol 
production [20], according to the author’s knowledge, the 
suitability of oleaginous Mucoromycota for lipid produc-
tion using SSF has not been reported in the literature.

Cellulolytic enzymes are crucial components of SSF 
in terms of hydrolysis efficiency and operational cost. 
Regarding the hydrolysis efficiency, a general disadvan-
tage is the gap between the optimal conditions for cel-
lulase activity (50  °C and pH 4.5—5.5) and the optimal 
conditions for the growth of microorganisms (25—30 °C, 
pH 6.0—7.0) [21]. Hence, a compromise between these 
two sets of conditions needs to be found. Notably, the 
benefits become more evident when the optimal tem-
perature of a microorganism aligns well with the opti-
mal temperature for enzyme activity. In terms of costs, 
the use of commercial enzymes can account for 28% of 
the operational costs of SSF for ethanol production [22]. 
Several techno-economical studies suggest that a viable 
strategy for reducing costs is to design a process that 
includes on-site cellulase production, thereby preventing 
the purchase of expensive commercial enzymes [19, 23]. 
This alternative is attractive since the costs associated 
with long-term storage, use of additives, and transporta-
tion are avoided. Consequently, this approach can result 
in a 30—70% reduction in enzyme-related costs. For 
instance, this strategy was followed by Clariant AG (Swit-
zerland) in its Sunliquid® process to produce bioetha-
nol from wheat straw [24]. Unfortunately, this process 
was discontinued in 2023, it is common that lignocel-
lulosic ethanol plants struggle to be economically viable 
due to the production cost and market prices, although 
this can change with future biofuel regulations [25]. The 
most common organism used for cellulase production 
is Trichoderma reesei, which has been studied for more 
than 70  years, is used for industrial-scale cellulase pro-
duction [26], and is also frequently recommended for on-
site cellulase production [27, 28]. However, one drawback 
of this fungus is that a major part of the β-glucosidase 
remains bound to the cell wall making its recovery dif-
ficult [29]. β-glucosidase is considered a bottleneck in 
the overall reaction of cellulose hydrolysis since the accu-
mulation of its substrate, cellobiose, promotes the inhi-
bition of endoglucanase and cellobiohydrolase [30]. This 
problem can be solved by supplementing β-glucosidase 
separately produced from another microorganism, which 
might not be preferable for on-site production. Genetic 
manipulation through random or direct mutagenesis is 
another possibility to overcome these challenges. While 
the organisms obtained by random mutagenesis are not 
classified as genetically modified organisms (GMO), 
direct mutagenesis requires significant investments in 
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research and development (R&D), approval of GMO use 
and regulations, implementation of containment meas-
urements, testing, and scale-up, etc. Thus, the use of a 
hypersecreting Trichoderma reesei obtained by random 
mutagenesis, such as the commercially available strain 
RUT C-30, might be a preferable cost-effective shot-
term option for the bioprocess development despite of 
still face the aforementioned challenges at some degree. 
Therefore, when β-glucosidase activity is deficient, select-
ing a microorganism for SSF that can directly utilize cel-
lobiose, either by uptake or by extracellular expression of 
β-glucosidase is desirable. Additionally, it is also desirable 
if cellobiose can trigger the expression of other cellulases 
such as endoglucanase.

Mucoromycota fungi do not have complete cellulase 
enzyme systems; for example, they lack cellobiohydro-
lases, which hinders their efficiency in cellulose degrada-
tion [31, 32]. However, they can produce β-glucosidase 
and endoglucanase [33–35]. The production of 
β-glucosidase improves the enzymatic hydrolysis effi-
ciency by processing cellobiose and thus alleviating 
enzyme inhibition. The importance of this capability is 
underscored by numerous studies on improving the effi-
ciency of ethanol production by yeast in SSF, either by 
performing genetic modifications of species that lack 
cellodextrin processing tools [36–41] or by finding spe-
cies that can grow on cellobiose [42]. Notably, high glu-
cose concentrations also result in feedback inhibition of 
β-glucosidase. However, the presence of the microorgan-
ism in SSF leads to an immediate removal of glucose as 
it is generated, thus mitigating the inhibitory effect [43].

In the present study, the suitability of oleaginous Muco-
romycota for SSF was assessed for a diverse set of strains, 
which have been extensively studied in previous research 
[2, 44, 45]. The main aim of this study was to deter-
mine relevant traits for SSF in this set of strains, namely, 

thermal tolerance, and cellulase expression in the pres-
ence of cellobiose and cellulose. In addition to growth 
rates, enzyme expression, and specific activities; vibra-
tional spectroscopy techniques (FTIR and FT-Raman) 
were also used to evaluate the effect of the incubation 
temperature on the fungal biomass composition. These 
techniques have been proven to be reliable and reproduc-
ible methods for characterizing fungal biomass [11, 46, 
47].

Materials and methods
Fungal strains
Nine strains belonging to eight different species of Muco-
romycota fungi were used in this study. The strains were 
obtained from the Czech Collection of Microorganisms 
(CCM; Brno, Czech Republic), the Norwegian School 
of Veterinary Science (VI; Ås, Norway), the All-Russian 
Collection (VKM, Pushchino, Russia), and the Ameri-
can Type Culture Collection (ATCC; Manassas, United 
States). The list of strains and motivations for their selec-
tion are summarized in Table 1.

Spore and stock culture preparations
All the fungal strains were stored in the form of spore 
solutions in 33%v/v glycerol at –  80  °C, except for Mor-
tierella alpina, which was subcultured regularly by trans-
ferring agar plugs with mycelia to a new fresh medium. 
Malt extract agar (MEA) (Merck, Germany), composed 
of agar, 15 g/L; malt extract, 30 g/L; mycological peptone, 
5 g/L, and pH 5.4, was used as the medium for prepara-
tion of the stock cultures. MEA plates were prepared by 
dissolving 50 g of MEA powder in 1 L of distilled water 
and autoclaving at 121  °C for 15  min. All the strains 
were cultivated at 25 °C for 7—14 days until spores were 
obtained. The fresh spores were collected by adding 

Table 1  List of fungal strains and motivations for their selection

Species Collection number Abbreviation Motivation

Lichtheimia corymbifera CCM 8077 LC Fatty acid profile with good cetane number for biodiesel production [11]

Absidia glauca CCM F451 AG High lipid content [11], and coproducion of chitosan [48]

Cunninghamella blakesleeana CCM F705 CB Fatty acid profile with good cetane number for biodiesel production [44]

Mortierella alpina ATCC 32222 MA Relevant for arachidonic acid production at industrial scale [14] and other poly-
unsaturated fatty acids (PUFAs)

Mucor circinelloides CCM F220 MC Model species for lipogenesis studies and dimorphism [49]. First species 
with annotated genome among Mucoromycota. Industrially relevant for gamma-
linoleic acid production [13]. Coproduction of high-value metabolites [2, 45, 50]

Mucor circinelloides VI04473 MCVI

Mortierella hyalina VKM F1629 MH Promising producer of arachidonic acid and other PUFAs [11]

Rhizopus stolonifer VKM F400 RS High linolenic acid accumulation [11] and industrially relevant genus for fumaric 
and lactic acid production [51]

Umbelopsis vinacea CCM F539 UV Fatty acid profile with good cetane number for biodiesel production [11]
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10  mL of sterile 0.9% NaCl solution and dragging the 
mycelium with a glass Digralsky spreader.

Thermal tolerance range
The thermal tolerance range of the strains was deter-
mined by measuring the growth of the colony diameter in 
agar medium at different temperatures following the pro-
cedure of Trinci with some modifications [52]. MEA was 
used as medium, dispensing a volume of 20 mL into each 
tripled-vented Petri dish to avoid any variability related 
to volume differences. A preinoculum of mycelium for 
each strain was prepared by plating 10 µL of spore stock 
in the center of the MEA plate. The preinoculum plates 
were cultivated at 25 °C until a large colony was obtained 
with active growing mycelium at the edge. A cork borer 
no. 2 was used to cut circular agar plugs with active 
growing mycelium. The agar plugs were placed on the 
center of the 20 mL MEA plates for the thermal tolerance 
range test. The MEA plates were incubated at a selected 
range of temperatures (20, 25, 30, 35, 40, 45, and 50 °C). 
The experiment was performed in triplicate for each 
temperature and strain. The extension of the colony was 
determined by taking two measurements of the colony 
diameter, orthogonal to each other, at least twice per day 
until the colony covered the whole area of the plate. The 
growth rate (Kr; colony diameter mm/hour) was obtained 
from the slope of the linear equation fitted to the average 
diameter values versus the incubation time.

After a total extension of the colony was achieved, the 
spores were washed away with sterile 0.9% NaCl solu-
tion several times until the washing solution was free of 
spores. The spore-free mycelium was removed from the 
agar medium with the help of a scalpel without removing 
the agar. The mycelium was further washed to remove 
possible soluble compounds by adding 10  mL of 0.9% 
NaCl solution, centrifuging, and discarding the super-
natant a total of three times. The mycelium was frozen 
at −  20  °C and freeze-dried until constant dry weight. 
The dried samples were stored at −  20  °C until further 
analysis.

Cellulase induction by the presence of cellobiose 
and cellulose
The spores for inoculation of the experiments described 
in this section were obtained as previously described. The 
suspension of spores from the MEA plates was clarified 
through two-layer sterile Miracloth 22–25 µm pore size 
(Merck, Germany) and counted using an automated cell 
counter (Countess 3; Invitrogen, United States).

To evaluate how the different Mucoromycota strains 
respond to the presence of cellobiose, a cellobiose-based 
medium was prepared with carbon and nitrogen compo-
nents as described by Takó et al. [33] and with macro- and 

micronutrients as described by Kosa et al. [44] (g/L): cel-
lobiose, 10; yeast extract, 0.5; (NH4)2SO4, 1.5; sodium 
glutamate, 1.5; Na2HPO4, 2; KH2PO4, 7; MgSO4.7H2O, 
1.5; CaCl2.2H2O, 0.1; FeCl3·6H2O, 0.008; ZnSO4·7H2O, 
0.001; CuSO4·5H2O, 0.0001; Co(NO3)2·H2O 0.0001; 
MnSO4·5H2O, 0.0001, and pH 6.5. The cultivations 
were performed using a Duetz microtiter plate system 
(MTPS) consisting of 24 extra high deep well microtiter 
plates (Enzyscreen, The Netherlands, Cat #CR1424hd), 
low evaporation sandwich covers, and a clamp system 
for the shaker incubator. A volume of 5.6  mL of 1.25-
fold medium was dispensed in each well, and 1.4 mL of 
prepared spore solution was added to provide an inocu-
lum of 1.105 spores/mL. Each strain was grown in trip-
licate for each time point, meaning 2, 4, 6, and 8  days. 
The plates were incubated at 25  °C and 400  rpm in a 
MaxQ™ 4000 shaker (Thermo Scientific, United States). 
After the incubation, each sample was collected in a pre-
weighed 15-mL Falcon tube and spun at 10,000  rpm in 
a Hermle Z326K centrifuge (Hermle, Germany), after 
which the supernatant was saved in a separate tube. 
The biomass was washed with distilled water, centri-
fuged at 10000  rpm 10  min and 4  °C, and the superna-
tant was discarded, repeating these steps three times. The 
washed biomass was freeze-dried until constant weight 
to determine the dry weight. The supernatant and the 
freeze-dried biomass samples were stored at −20 °C until 
further analysis.

To evaluate how the different strains respond to the 
presence of cellulose, a two-step cultivation was per-
formed using the aforementioned Duetz-MTPS system. 
In the first cultivation step, 7 mL of potato dextrose broth 
(PDB) was inoculated with spores (1.105 spores/mL) and 
incubated for 3  days at 25  °C and 400  rpm. The inocu-
lum for the M. alpina strain consisted of a homogenate 
of four agar plugs with active mycelium cut with a cork 
borer no. 5 (10  mm Ø) in 10  mL of 0.1% NaCl sterile 
solution. In the second cultivation step, the pregrown 
biomass was washed from PDB three times with 0.9% 
NaCl and centrifugation as previously described. After-
wards, 7  mL of cellulose-based medium was added, 
and the mixture was incubated for 4  days at 25  °C and 
400 rpm. The PDB medium (glucose 20 g/L; potato infu-
sion 4  g/L; Merck, Germany) was prepared by dissolv-
ing 24 g in 1 L of distilled water and autoclaved at 121 °C 
for 15  min. The cellulose-based medium consisted of 
(g/L) Avicel PH101 (microcrystalline cellulose powder), 
20; NaNO3, 3; Na2HPO4, 2; KH2PO4, 7; MgSO4.7H2O, 
1.5; CaCl2.2H2O, 0.1; FeCl3·6H2O, 0.008; ZnSO4·7H2O, 
0.001; CuSO4·5H2O, 0.0001; Co(NO3)2·H2O, 0.0001; 
MnSO4·5H2O, 0.0001; and pH 6.5. The experiment was 
performed in triplicate. At the end of the cultivation, the 
samples were collected, and the pellet and supernatant 
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were separated, processed, and stored in the same way as 
described previously.

The pH of the supernatants was measured using an 
Education Line EL2 pH meter (Mettler Toledo, Swit-
zerland). The soluble protein concentration was deter-
mined by a 96-well plate Bradford method according to 
Ernst & Zor [53]: (1) bovine serum albumin (BSA) was 
used as standard; (2) 100 µL of the standard solution or 
sample was mixed with 100  µL of 2.5 diluted in water 
solution from concentrated Bradford reagent (Bio-Rad, 
United States, Cat #5,000,006); (3) 200  µL of distilled 
water was used as a blank; (4) the reaction mixtures 
were kept at room temperature for 10  min; and (5) the 
absorbance was measured at 590 nm and 450 nm (to use 
as ratio 590 nm/450 nm) with a UV/Vis spectrophotom-
eter SPECTROstar Nano (BMG Labtech, Germany). The 
β-glucosidase activity was determined in 96-well plates 
following the method of Sonia et  al. [54] with some 
modifications: (1) p-nitrophenol solution in sodium cit-
rate buffer (50 mM, pH 4.8) was used as standard; (2) the 
reaction mixture consisted of 25  µL of supernatant or 
standard solution, 50 µL of sodium citrate buffer (50 mM 
pH 4.8) and 25 µL of p-nitrophenyl-β-D-glucopyranoside 
(p-NPG) 10 mM solution; (3) the plate was closed with a 
plastic plate seal to avoid evaporation, and the reaction 
was incubated at 50 °C for 30 min in darkness; (4) imme-
diately after the incubation, 100  µL of NaOH-glycine 
buffer (400  mM, pH 10.8) were added to stop the reac-
tion and increase the absorbance of the cleaved p-nitro-
phenol; and 5) the absorbance is measured at 405  nm. 
Endoglucanase activity was determined by the carboxy-
methylcellulose (CMC) and 3,5-dinitrosalicylic acid 
(DNS) method following the protocol of Samira et al. [55] 
with some modifications: (1) glucose is used as standard 
solution; (2) the reaction mix consisting of 100 µL sample 
or standard and 100 µL of 2%w/v CMC solution in sodium 
citrate buffer (50 mM, pH 4.8) was incubated at 50 °C for 
60 min; (3) after the reaction, 1 mL of DNS reagent was 
added, boiled at 95 °C for 10 min, and cold down on ice; 
(4) the absorbance at 540 nm is measured in semi-macro 
cuvettes of 1  cm pathlength. One enzymatic unit (U) 
was defined as the amount of enzyme needed to catalyze 
1  µmol of substrate per minute. The specific enzymatic 
activity was calculated by dividing the total enzymatic 
activity by the amount of extracellular protein to account 
for the enrichment of a particular enzyme activity in the 
total protein mixture.

Sample processing for FTIR and Raman measurements
The freeze-dried samples from the thermal tolerance 
range assay were processed for FTIR and Raman meas-
urements. For FTIR analysis, 3—5 mg of freeze-dried bio-
mass was added to 2 mL polypropylene disruptor tubes 

with 250  mg of acid-washed beads of 710—1180  μm 
diameter (Merck, Germany) and 400—500 µL of distilled 
water. The samples were disrupted by bead beating using 
a Precellys Evolution tissue homogenizer (Bertin Tech-
nologies, France) with the following settings: 5500  rpm 
and 20 s for 6 cycles. For FT-Raman analysis, the freeze-
dried biomass was placed in a 400-µL flat bottom glass 
insert vial (Agilent Technologies, United States).

FTIR spectroscopy measurements
The FTIR spectra were recorded using a high-throughput 
screening module (HTS-XT) coupled to a Vertex70-FTIR 
spectrometer (both Bruker Optik GmbH, Germany) 
equipped with a globar mid-IR source and a deuterated 
L-alanine doped triglycine sulphate (DLaTGS) detector. 
8  µL of disrupted and homogenized biomass was spot-
ted onto an IR-transparent 384-well silicon microplate 
(Bruker Optik GmbH, Germany) and dried at room 
temperature, after which the microplate was placed in 
an HTS-XT module. Spectra were acquired in transmis-
sion mode, with a total of 64 scans, spectral resolution of 
6  cm−1, digital spacing of 1.928  cm−1, over the range of 
4000 to 400 cm−1, using Blackman–Harris 3-term apodi-
zation, and an aperture of 6 mm. Spectra were recorded 
as the ratio of the sample spectrum to the spectrum of 
the empty IR-transparent microplate. Each biomass sam-
ple was analyzed in three technical replicates, resulting in 
288 spectra. The OPUS software (Bruker Optik GmbH, 
Ettlingen, Germany) was used for data acquisition and 
instrument control.

FT‑Raman spectroscopy measurements
The FT-Raman spectra were recorded using a MultiRAM 
FT-Raman spectrometer (Bruker Optik GmbH, Ger-
many) equipped with a neodymium-doped yttrium alu-
minum garnet (Nd:YAG) laser (1064 nm, 9394 cm−1) and 
a germanium detector cooled with liquid nitrogen, by 
using a high-throughput setup with 2.5 mm aperture and 
a collecting mirror objective. Approximately 10—20  mg 
of freeze-dried biomass was placed in a 400 µL flat-bot-
tom glass insert vial, the sample vials were placed in a 
96-well microplate, the microplate was placed in a high-
throughput screening (HTS) stage, and the laser was 
focused on the bottom of the vial. The FT-Raman spec-
tra were acquired in backscattering geometry with a 
total of 2048 scans, using Norton–Beer medium apodi-
zation, spectral resolution of 8 cm−1, and digital spacing 
of 1.928 cm−1, over the range 3785–45 cm−1, at 500 mW 
laser power. For each biomass sample, at least one Raman 
spectrum was acquired, except both Mucor circinelloides 
strains samples, from which two or more technical repli-
cates were measured for 25 °C, 30 °C, and 35 °C, resulting 
in 109 spectra. Due to the dark coloration derived from 
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sporangium, some samples were burnt, and the acquisi-
tion was not possible for all the Absidia glauca samples 
except one biological replicate at 20  °C; one biological 
replicate at 25  °C from M. circinelloides VI, Rhizopus 
stolonifer, and Umbelopsis vinacea; and one biological 
replicate at 20 °C from M. circinelloides. The OPUS soft-
ware (Bruker Optik GmbH, Ettlingen, Germany) was 
used for data acquisition and instrument control.

Spectral preprocessing and data analysis
The FTIR spectra for principal component analysis 
(PCA) were preprocessed as follows: (1) smoothing with 
Savitzky–Golay algorithm (polynomial order 2, window 
size 11); (2) extended multiplicative signal correction 
(EMSC) (MSC model extended by a linear and quadratic 
components with polynomial order 2) [56]; and )3) data 
truncation from 700 to 3200 cm−1.

To study the effect of cultivation temperature on lipid 
accumulation and unsaturation, the FTIR spectra were 
preprocessed with Savitzky–Golay algorithm with poly-
nomial order 2, window size of 11, and second  deriva-
tive. The ratio between the peaks at 3010  cm−1 (related 
to = CH stretching in aliphatics) and 2925  cm−1 (related 
to -CH stretching in -CH2 group) was used as an indica-
tor of unsaturation, while the ratio between 1745  cm−1 
(C = O stretching related to triacylglycerol’s bond) and 
1650  cm−1 (amide I band) was used as lipid-to-protein 
ratio.

The FT-Raman spectra were preprocessed as follows: 
(1) smoothing by Savitzky–Golay algorithm with polyno-
mial order 2, window size of 15, and derivative order 2 
[57], (2) truncation of data from 900 to 1900  cm−1, and 
(3) vector normalization. Averaged spectra were used for 
graphical visualization.

Biochemical similarities between samples were esti-
mated by using principal component analysis (PCA). 
PCA was conducted on 288 FTIR spectral data. All the 
preprocessing, spectral visualization, and PCA were 
performed using Orange Data Mining version 3.33.0 
(University of Ljubljana, Slovenia) [58, 59]. Biomass con-
centrations, growth rates, β-glucosidase activity, endo-
glucanase activity, extracellular protein concentrations, 
lipid-to-protein ratios, unsaturation ratios, and pH were 
analyzed and visualized using Excel.

Results and discussion
Thermal tolerance range
The Mucoromycota strains used in this study exhibited 
diverse growth rates at different temperatures when 
grown on MEA (Fig. 1). In ascending order, the optimal 
temperature for the growth of the strains was 20  °C for 
Absidia glauca (AG) and Mortierella hyalina (MH); 25 °C 
for Mortierella alpina (MA) and Rhizopus stolonifer 

(RS); 30  °C for Umbelopsis vinacea (UV), Cunningha-
mella blakesleeana (CB), and the two strains of Mucor 
circinelloides (MCV and MC); and 35 °C for Lichtheimia 
corymbifera (LC). L. corymbifera displayed the widest 
range of growth supporting temperatures from 20  °C 
to 45—50  °C, in contrast to M. hyalina, whose growth 
was limited to below 30 °C. The strains C. blakesleeana, 
M. circinelloides, and M. circinelloides VI grew well at 
temperatures close to 35—40  °C, while R. stolonifer, A. 
glauca, M. alpina, and U. vinacea a had shorter tempera-
ture tolerance range, with a maximum temperature rang-
ing from 30—35 °C. With respect to the magnitude of the 
growth rate, R. stolonifer displayed the highest value of 
2.4 mm/h at 25 °C among all the strains tested. The fast 
propagation of R. stolonifer provides an advantage for the 
colonization and infection of vegetables, fruits, and food, 
which is a characteristic of this species [60].

In terms of suitability for SSF, among the studied 
Mucoromycota strains, L. corymbifera is the strain that 
best aligns with the optimal temperature for enzymatic 
hydrolysis (50  °C). L. corymbifera is a known thermo-
tolerant species, with some strains even able to grow at 
50  °C [61]. However, for the strain studied in this work, 
the temperature should be restricted to 40—45 °C. How-
ever, despite the optimal activity of cellulases being found 
at 50  °C, the thermal deactivation of the enzymes is 
lower at 40 °C, and since fungal fermentation often takes 
72 h or longer, the final hydrolysis yield can be superior 
because the enzymes remain active for a longer time [62]. 
On the other hand, C. blakesleeana, M. circinelloides, 
and M. circinelloides VI could also be suitable for the SSF 
process with cultivation temperatures around 35 – 37 °C. 
These temperatures are, in fact, typical in SSF for etha-
nol production with yeasts [43]. However, A. glauca, M. 
alpina, and U. vinacea can be cultivated only at 30 °C and 
M. hyalina at 25  °C, which makes them impractical for 
SSF. For these strains, other strategies could be applied, 

Fig. 1  Growth rates of nine Mucoromycota strains incubated 
at 20, 25, 30, 35, 40, 45 and 50 °C. Error bars represent the standard 
deviation of three biologically independent replicates



Page 7 of 15Bolaño Losada et al. Biotechnology for Biofuels and Bioproducts           (2025) 18:24 	

such as a short prehydrolysis period at the optimal tem-
perature of cellulases followed by inoculation and fer-
mentation at a lower optimal growth temperature.

Effect of temperature on the fungal biomass composition
The composition of the fungal biomass from the thermal 
tolerance range experiment was analyzed by FTIR and 
Raman spectroscopy. High temperature is ideal for SSF, 
but high temperature may affect the quality and composi-
tion of the target product of fermentation, which in the 
case of this study was the total lipid content and the fatty 
acid profile. Both FTIR and Raman spectroscopy are con-
venient methods to study lipid accumulation and fatty 
acid profile, especially when relatively small quantities of 
biomass are available, which limits the application of con-
ventional techniques such as gas chromatography [46].

FTIR spectra were collected from all the samples, and 
PCA was performed to visualize the main biochemical 
differences between all the strains and among the tem-
perature conditions (Fig. 2A). The whole spectra of each 
strain at different temperatures and several additional 
PCA for more detailed visualization can be found in the 
supplementary information (Fig. 1S and 2S). The princi-
pal components (PC), PC1 and PC2, gathered 67.1% and 
14.7% of total explained variance. According to the load-
ing plots (Fig. 2B), PC1 correlated positively with lipids, 
as indicated by the high positive loading values at 3010, 
2925, and 2855 (= C-H stretching, -C-H stretching from 
-CH3; -C-H stretching from -CH2, respectively) 1745 
(C = O stretching from esters), 1465 (C-H deformation 
from -CH3 and -CH2) and 725 cm−1 (-CH2 rocking in ali-
phatics); and negatively with polysaccharides indicated by 
negative loading values in the range of 1125—985  cm−1 
(C–O–C and C-O stretching). PC2 correlated positively 
with proteins with positive loadings associated with the 
amide bands at 1680–1630 (amide I), 1530–1560 (amide 
II and C-NH deformation), and 1325  cm−1 (amide III) 
and negatively with lipids with negative loadings at 3010, 
2925, 2855, 1745, 1462, and 723 cm−1, as well as with the 
polysaccharide-related signals from 1200 to 985 cm−1.

The PCA results showed that Mortierella species (MH 
and MA) had very different biomass compositions com-
pared to those of the other strains. Despite their slow 
growth rates, the accumulation of lipids in Mortierella 
seemed to be better than the other studied strains. One 
possible reason could be the weak sporulation in Mor-
tierella spp., since nutrients and energy are not diverted 
to sporulation and are invested in the accumulation of 
lipids on the vegetative hyphae. Overall, the M. alpina, 
M. hyalina, U. vinacea, and C. blakesleeana strains pro-
duced lower amounts of spores on MEA than the other 
strains (Fig. 3S). It is possible that the level of sporulation 
of each strain could influence the differences observed in 

lipid accumulation. For instance, solid-state fermenta-
tion of Cunninghamella and Mortierella species has been 
reported to have better lipid production than M. circinel-
loides [63]. In addition, one recent study reported that an 
oleaginous M. circinelloides strain cultivated on high C/N 
agar medium produced more biomass from spores than 
from mycelia [64] and worse lipid accumulation than 
when the same strain was grown in practically the same 
medium but using submerged fermentation [65].

On the other hand, some correlations of biochemical 
composition with the temperature of incubation were 
observed. R. stolonifer, increased the amount of pro-
teins with the increase of temperature from 20 to 30 °C, 
shown by the displacement of the samples in the positive 
direction in PC1 and PC2. The opposite was detected 
for A. glauca and C. blakesleeana, whose composition 
increased in polysaccharides to the detriment of proteins 
from 20 to 30 °C, shown by a displacement in the nega-
tive direction of PC1 and PC2. The M. circinelloides VI 
strain showed a trend in temperatures from 20 to 35  °C 
correlated positively with PC1 and negatively with PC2, 
which translated into an increase in lipid accumulation, 
whereas the M. circinelloides MC strain showed a similar 
pattern but only from 20 to 30 °C, since the lipid accumu-
lation was reduced at 35  °C. For U. vinacea, changes in 
temperature from 20 to 30 °C showed a positive correla-
tion with PC1 and PC2, indicating enrichment of lipids 
and proteins. L. corymbifera showed an increase in lipids 
from 20 to 35  °C, which is optimal for growth, followed 
by a decrease from 35 to 45 °C.

Additionally, Raman spectroscopy complemented the 
FTIR spectra analysis. Raman spectroscopy provides 
stronger signals for chemical groups with high polariza-
tion, for example, double bonds of carotenoids, making 
its detection more sensitive. Some species of Mucoromy-
cota, such as M. circinelloides, can accumulate significant 
amounts of carotenoids. Figure 3 shows the Raman spec-
tra of both M. circinelloides strains cultivated on MEA 
at 25, 30, and 35  °C. Carotenoid-related signals at 1525 
(C = C stretching, associated with conjugation length), 
1155 (C–C stretching and -CH deformation), and 
1006 cm−1 (C-CH3 rocking) [66] showed increased inten-
sities as the growth temperature increased. Based on the 
intensity of these peaks, out of the two M. circinelloides 
strains, the MC strain was a better carotenoid producer 
than the MCVI strain, which is in agreement with the 
findings of previous studies [45]. Increased production 
of carotenoids with temperature was previously reported 
for several species of Mucor [67, 68], presumably to con-
trol oxidative damage and membrane fluidity [69]. How-
ever, we cannot ignore the fact that this effect could also 
be linked to aerial hyphal development and exposure 
to the air interface. For instance, in Neurospora crassa 
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showed that exposition to air is a relevant factor for light-
inducible carotenoids [70], controlled by the white-collar 
complex (WCC) which is widely conserved in the king-
dom Fungi, including M. circinelloides [71]. Therefore, 
similar results could not be necessarily translated to sub-
merged fermentation because of the differences in light 
and air exposition compared to solid media.

Effect of temperature on the lipid profile
Due to our particular interest in lipids, changes in 
lipids related to incubation temperature were studied in 
more detail. For this purpose, the lipid-to-protein and 
unsaturation ratios were calculated from FTIR spectra 
and are presented below.

Fig. 2  A PCA score plot of the FTIR spectra from the biomass of nine Mucoromycota strains grown in MEA at different temperatures. An auxiliary 
and approximate coordinate vector figure was added to indicate the directions in which the spectra have more contribution to the different 
metabolites, meaning proteins, polysaccharides, and lipids; B loading plots of the first and second principal components (PC1 and PC2) 
that represented the 67.1% and 14.7% of the total variance
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Previous studies have reported that there are no gen-
eral correlations between growth temperature and 
unsaturation and lipid accumulation in some fungi and 
that the effect of temperature on these parameters is 
often species-specific [72]. On the other hand, it is gen-
erally assumed that the degree of unsaturation of lipids 
is affected by temperature since unsaturation affects the 
fluidity of oils and modulates their ability to adapt to dif-
ferent temperatures. In addition, it is also known that 
the activity of desaturases is regulated by temperature. 
Understanding the changes in unsaturation levels with 
temperature for each strain is of interest for the final 
application of the oil. For example, if oil is used for bio-
diesel production, a low amount of unsaturated fatty 
acids is required [11, 73, 74]. Figure 4A shows the lipid-
to-protein ratios for each species and incubation temper-
ature, where M. alpina, M. hyalina, M. circinelloides, U. 
vinacea, and C. blackesleeana strains did not accumulate 
substantial amounts of lipids at 20 °C. These results could 
be related to the slow metabolic activity at this tempera-
ture. Therefore, the biomass incubated at 20  °C was not 
considered to study the correlation between unsaturation 
and temperature in these strains.

M. alpina and M. hyalina had the highest unsaturation 
ratios (Fig.  4B). This is expected since Mortierella fungi 
are well known for their ability to produce C20 polyun-
saturated fatty acids such as arachidonic acid (C20:4n6, 

ARA), dihomo-gamma-linolenic acid (C20:3n6, DGLA) 
and eicosapentaenoic acid (20:5n3, EPA) [11, 75]. The 
lowest unsaturation ratio values were for A. glauca and 
R. stolonifer. A progressive decrease in unsaturation with 
increased temperature was observed for L. corymbif-
era. This is particularly important because L. corymbif-
era could be cultivated at high temperatures during the 
SSF process, resulting in a higher hydrolysis efficiency 
and oil with more favorable characteristics for biodiesel 
production than at lower temperatures [76]. For both 
M. circinelloides strains, there was a significant decrease 
of unsaturation observed at 35  °C. In contrast, for U. 
vinacea and C. blakesleeana the unsaturation remained 
almost unchanged from 20 to 30 °C, and a slight decrease 
in unsaturation was detected for C. blackesleeana at 
35 °C.

Cellulase induction by the presence of cellobiose 
and cellulose
Most of the studied Mucoromycota strains grew well in 
the cellobiose-based medium except M. alpina and M. 
hyalina (Fig. 5A). Modifications in the medium, such as 
supplementation with the vitamins biotin (0.02  mg/L) 
and thiamine hydrochloride (0.05  g/L) or yeast extract 
as the sole nitrogen source, did not change the inability 
of these species to grow in cellobiose medium (data not 
shown). This could be related to the absence of metabolic 

Fig. 3  Raman spectra of mycelium grown on MEA at 25 °C (blue), 
30 °C (magenta), and 35 °C (red) from the strains A) M. circinelloides 
(MC), and B M. circinelloides (MCVI). Carotenoid peaks are marked 
at 1525, 1155, and 1006 cm−1. Note that the spectra were 
preprocessed with the 2 second derivative; therefore, the peaks are 
displayed upside down. The shown spectra are the average of three 
biologically independent replicates

Fig. 4  A Lipid-to-protein ratio and B unsaturation ratio determined 
from the FTIR spectra of fungal biomass obtained from the thermal 
tolerance experiment. Error bars represent the standard deviation 
of three biologically independent replicates
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tools for cellobiose uptake. Although it has been reported 
that Mortierella isabellina can grow in a medium with 
a similar composition and cellobiose as a carbon source 
[77], it must be stated that this species is no longer a valid 
member of the Mortierella genus being nowadays named 
as Umbelopsis isabellina [78]. Mortierella is a genus with 
strong associations with rhizosphere and endophytic 
plant interactions [79]; therefore, it might be that these 
species have a reduced amount of plant cell wall degrad-
ing enzymes or do not react upon intermediaries of cel-
lulose, such as cellobiose, to avoid plant defense response 
[80, 81].

Additionally, L. corymbifera was grown at 35  °C, near 
its optimal for growth, since at 25  °C the growth was 
delayed until 6 days and the levels of biomass, extracellu-
lar protein, and enzymatic activity were so low that could 
not be analyzed properly (data not shown).

Almost all the strains started to grow before the 
maximum level of extracellular protein was reached 
(Fig.  5B). This indicates that most of the strains can 
take up cellobiose by membrane transporters and pro-
cess it intracellularly before the expression of extracel-
lular β-glucosidase. For instance, it was reported that 
M. circinelloides has intracellular and extracellular 
β-glucosidases [32], which could be also the case for 
the other studied Mucoromycota strains. In contrast, 

the growth of U. vinacea and L. corymbifera seemed to 
depend more on enzyme expression since their expo-
nential growth phase overlapped with the maximum 
peak of extracellular protein expression on day 4 and 
day 6, respectively.

All the strains, except M. alpina and M. hyalina, 
secreted extracellular proteins with β-glucosidase activ-
ity at different times and magnitudes (Fig.  5C). The 
highest values of β-glucosidase activity were found in C. 
blakesleeana, R. stolonifer, and L. corymbifera reaching 
a maximum of 0.25 U/mL on day 4, 0.084 U/mL on day 
8, and 0.063 U/mL on day 6, respectively. The expres-
sion of β-glucosidase in U. vinacea was low and started 
between day 2 and day 4 of incubation, aligned with the 
exponential growth phase of the fungus. It seems that, for 
U. vinacea, the processing of cellobiose is predominantly 
extracellular. This observation could be related to the 
reduced size of the genome and membrane transport-
ers of the genus Umbelopsis compared to those of other 
Mucorales [82]. A. glauca showed good growth, although 
it is interesting to note that, even though the values of 
extracellular protein were significantly high from day 
2 of incubation (10.18  mg/L), the β-glucosidase activity 
remained low. This observation could be related to a low 
affinity for the p-NPG substrate used in the enzymatic 
activity assay or the expression of other enzymes with 

Fig. 5  A Biomass growth, B extracellular protein, C β-glucosidase activity, and D endoglucanase activity of the nine Mucoromycota strains 
cultivated in cellobiose-based medium. Note that the β-glucosidase activity of the C. blackeesleana (CB) strain is displayed on the secondary 
y-axis due to its large values compared to those of the other strains. Error bars represent the standard deviation of three biologically independent 
replicates
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different activities since the specific activity was relatively 
low (Fig. 6B).

As stated in previous studies, there are scarce studies of 
β-glucosidase in Mucoromycota, and this topic deserves 
additional attention due to the potential applicability of 
Mucoromycota in SSF processes [83]. The expression 
of β-glucosidase induced by cellobiose was studied for 
several species of the genera Mucor, Gilbertella, Rhi-
zomucor, and Rhizopus [33]. The Rhizopus genus had the 
highest activity, namely, R. oryzae and R. stolonifer, fol-
lowed by one strain of Mucor miehei and three strains of 

Gilbertella persicaria. In our study, the detailed response 
to cellobiose was studied not only for Mucor circinelloides 
and Rhizopus stolonifer, but also for other Mucoromycota 
species, like Lichtheimia corymbifera, Cunninghamella 
blackesleeana, Absidia glauca, Umbelopsis vinacea, Mor-
tierella hyalina and Mortierella alpina. Special atten-
tion should be given to Cunninghamella blackesleeana, a 
species that outperformed the other strains in terms of 
β-glucosidase expression with high specific activity in the 
extracellular protein secreted (Fig. 6B).

When it comes to endoglucanase expression in the 
cellobiose-based medium, only R. stolonifer, M. circinel-
loides, M. circinelloides VI, and L. corymbifera showed 
activity beginning on day 2 of incubation (Fig. 5D). Thus, 
both Mucor, Rhizopus, and Lichtheimia strains showed 
cellobiose-triggered expression of both endoglucanase 
and β-glucosidase. This observation aligns with the fact 
that M. circinelloides and R. stolonifer species are com-
mon in postharvest infections of fruits and vegetables 
[84, 85], and L. corymbifera is commonly associated with 
dead plant material niches [86, 87], where these enzymes 
facilitate infection by enabling access to plant material 
[32, 88, 89]. In particular, R. stolonifer displayed notably 
high activities for both endoglucanase and β-glucosidase 
in the presence of cellobiose. The regulatory system for 
cellulase expression in R. stolonifera was studied previ-
ously, which depends on a cellobiose-responsive regula-
tor [90]. Regarding M. circinelloides, although there are 
studies about the induction of endoglucanase using CMC 
[32], to the best of the author’s knowledge, there are no 
reports in the literature about the induction of endoglu-
canase expression by cellobiose; and the same for the 
case of L. corymbifera.

Additionally, for the strains that were able to grow in 
the presence of cellobiose, a decrease in the pH of the 
supernatant was observed along with growth in the expo-
nential phase (Fig. 6A). This indicates the production of 
CO2 and/or acids due to the consumption of cellobiose. 
In particular, a large decrease in pH was observed for A. 
glauca from pH 6.6 to 3.5, indicating either abundant 
secretion of acid or moderate production of an acid with 
a low pKa. To the best of the authors’ knowledge, acid 
production by A. glauca has not been reported in the 
literature. In the later stages of growth, the pH increase 
coincided with the maximum amount of extracellular 
protein secretion, possibly due to the buffering effect of 
the protein.

When Mucoromycota strains were cultivated in 
cellulose-based medium, extracellular proteins were 
detected for all the strains except M. hyalina and U. 
vinacea, with the highest values observed for R. stoloni-
fer and M. alpina (Fig.  7A). β-Glucosidase activity 
was detected in all the strains, except for M. alpina, 

Fig. 6  A pH, B β-glucosidase specific activity, and C endoglucanase 
specific activity values of the nine Mucoromycota strains cultivated 
in the cellobiose-based medium. Error bars represent the standard 
deviation of three biologically independent replicates
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M. hyalina, and U. vinacea (Fig.  7B), while the endo-
glucanase activity was only detected for R. stolonifer 
(Fig.  7C). However, these values were lower than in 
the cellobiose-based medium experiment. The highest 
β-glucosidase activities observed were for R. stoloni-
fer and both M. circinelloides strains. Surprisingly, 
although M. alpina had the second highest value of 
extracellular protein, β-glucosidase activity was not 
detected. This could indicate the expression of other 
type of enzymes or proteins or the occurrence of cel-
lular apoptosis. High variability in β-glucosidase activ-
ity was obtained for L. corymbifera and A. glauca 
because the values were near the detection limit of 
the method. When it comes to the specific activity, C. 
blakesleeana was the strain with the highest values, 
followed by M. circinelloides and M. circinelloides VI. 
Once more, C. blakesleeana showed to either express 
pure β-glucosidase or several extracellular proteins 
with highly active β-glucosidases (Fig. 7D).

To sum up, the induction of cellulases by cellobiose 
and cellulose was studied in depth for representative spe-
cies in Mucoromycota not studied before. Except for M. 
hyalina and M. alpina, the tested strains seemed to be 

favorable for SSF processes where the accumulation of 
cellobiose could be a problem.

Conclusions
This study reports a comprehensive analysis of key traits 
identified as important for a successful SSF using oleagi-
nous Mucoromycota species. Among the studied Muco-
romycota, L. corymbifera was the most suitable for SSF. 
Future works will study the development of SSF with the 
best candidates of this work addressing its strengths and 
weaknesses.

FTIR and Raman spectroscopy provided rich informa-
tion on the whole biochemical composition of the fungal 
biomass. The fast acquisition and minimal sample prepa-
ration for these techniques allowed us to study the effect 
of temperature on fungal biomass composition such as 
lipid saturation.

Certain traits of R. stolonifer that could be related to 
its great ability to infect and spoil fruits, vegetables, 
and other foods were found in this study. These include 
fast growth extension of mycelium, induced expression 
of endoglucanase and β-glucosidase by cellobiose and 
cellulose, and production of large amounts of acid, such 

Fig. 7  A Extracellular protein, B β-glucosidase activity, C endoglucanase activity, and D β-glucosidase specific activity in the supernatants 
of the nine Mucoromycota strains grown in cellulose-based medium. Error bars represent the standard deviation of three biologically independent 
replicates
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as fumaric and lactic acid [91]. These properties enable 
R. stolonifer to outcompete other fungi by settling and 
extending fast and macerating vegetable material with 
acids and enzymes for posterior infection and access to 
nutrients.
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